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Abstract The shortage and overconsumption of our (finite) energy resources (i) as well as increasingly contaminated water supplies arising from industrial wastewaters (ii) represent significant global threats. Environmental biotechnology potentially offers biological solutions to these two fundamental problems. This project aims to use environmental biotechnology to overcome the technical barriers involved in both the generation of alternative bioenergy and the biodegradation of textile industrial effluent in wastewaters. The research begins with the isolation, purification and characterisation of lignocelluolose degrading microbial isolates (bacteria and fungi) and the subsequent assessment of the environmental biotechnological potential of these isolates in relation to the two areas. A rapid approach to the screening, isolation, purification and identification of the lignocellulolytic derivative potential of microbial isolates was developed based on the activity against a variety of ball-milled straws (wheat, rice sugarcane and pea straw) using a Biolog (MT2) microplate-based assay as an alternative and effective method compared to the existing traditional methods that are costly, time consuming and largely not environmentally friendly. Sixty bacterial and fifty fungal isolates were successfully isolated mainly from compost and soil located from an old straw pile. Thirty bacterial isolates that showed high lignocellulolytic activity were screened (for three lignocellulolytic activities; cellulase, xylanase, strawase) using both conventional methodologies (crude enzyme production; submerged mode) and by the developed Biolog (MT2) microplate-based assay. Biolog (MT2) microplate arrays resulted in significant positive correlations (R2 values up to 0.86) between Biolog and the traditional enzyme methodologies with respect to bacterial isolates and their lignocellulosic activities. The results confirmed the suitability of Biolog microplate-based assays as an alternative screening method for lignocellulolytic bacteria. Differences between the degradability of different straws material were found to be consistent with differences in the surface structure of these different straws observed by ESEM suggesting that ball-milled sugarcane and rice straws were degraded more readily than other straws. In the second part of this study, the biotechnological potential of these lignocellulose degrading isolates were further examined using a novel approach involving co-culture of microbial isolates using four fungal and five bacterial isolates (selected out of 18 fungal and 30 bacterial isolates) for the construction of dual and triple defined microbial combinations. Co-culturing was used to investigate and understand the synergistic effects on saccharification of four different ball-milled straw substrates: wheat, rice, sugarcane and pea and comparison with the individual isolates. Some fungal and bacterial combinations such as 
Neosartorya fischeri–Myceliophthora thermophila and Aeromonas hydrophila–Pseudomonas poae enhanced higher saccharification (3- and 6.6 fold respectively) compared with their monocultures indicating the beneficial and compatible synergetic effects of mixed cultures. Ball-milled rice and sugarcane straws which had similar Fourier transform-infrared spectroscopy (FT-IR) profiles were more degradable, inducing more hydrolytic enzyme production than wheat and pea straws. The result highlights the potential of microbial co-culturing to improve saccharification of lignocellulosic substrates.  
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 In the third part of this study the ability of fungal isolates were further examined, in this case to overcome the technical barriers involved in the production of biofuels from microalgae (3rd generation). The high-energy input required for harvesting of microalgal biomass (using existing harvesting techniques) can account for up to 50% of the total cost of biofuels production. Co-cultivation of fungal (oleaginous) and microalgal cells is receiving increasing attention because of the high efficiency of bio-flocculation of microalgal cells (up to 90%) with no requirement for added chemicals and low energy inputs. Screening of the new fungal isolates for their ability to bioflocculate 11 different microalgae representing freshwater, marine, small (5 µm), large (over 300 µm), heterotrophic, photoautotrophic, motile and non-motile strains (most of these strains are commercially used for biofuels production) led to the identification of one fungal isolate, the filamentous fungus A. fumigatus as being capable of efficiently harvesting 10 of the 11 microalgal strains. The harvested fungal-microalgal pellets showed additive and synergistic effects, increasing biomass production and lipid yields. Further, the ability of A. 
fumigatus/Thraustochytrid (Af/Thr) and A. fumigatus/T. chuii (Af/Tc) pellets to further grow in (25% and 10%) swine wastewater as an alternative and sustainable source of nutrient supply was investigated. The incubation of both fungal-microalgal pellets for 48 h in 10% wastewater resulted in the removal of 96% of NH4+ and 84% of PO4-3 in the wastewater together with a lipid yield and biomass increase of 1.4-fold for both pellets. The results confirmed the suitability and the commercial applicability of bioflocculation process using A. fumigatus for harvesting marine and freshwater microalgal strains effectively.   The final part of this study investigated the ability of another new isolate (thermophilic fungi) to treat industrial wastewater arising from the textile industry. Microorganisms can adsorb dyes via metabolism dependent or independent mechanisms, although fungal biomass is more frequently used for bioadsorption. Dye effluents are generally discharged at relatively high temperature between 50°C and 60°C. Here, the dye decolourizing abilities of a thermophilic fungal isolate, Thermomucor indicae-
seudaticae at different temperatures (30, 45 and 55°C) and dye concentrations (100, 500 and 1000 mg l-1) were investigated in an azo–anthraquinone dye mixture (Azure B, Congo Red, Trypan Blue and Remazol Brilliant Blue R) over 6 days. Assays with living and inactivated T. indicae-seudaticae, Aspergillus 
fumigatus and the combined culture indicated that inactivated fungi were substantially better at dye decolourization. Inactivated T. indicae-seudaticae was a faster and more effective dye decolourizer in the temperature range, 30–55°C at 100, 500 and 1000 mg l-1 concentrations over 12 h than either A. 
fumigatus or the combined culture. At 1000 mg l-1 and 55°C, Thermomucor adsorbed up to 1.7-fold (74.93% decolourization) more than Aspergillus (44.67%) over 12 h. The results highlight the potential of using thermophilic fungus; T. indicae-seudaticae (for the first time) as a significant biological-agent for dye adsorption significantly at elevated temperatures and concentrations using activated and inactivated biomass. In summary, this study has demonstrated the importance of microbial isolations, based on novel isolation and screening techniques to quickly assess their lignocellulolytic activity. Assessment of the environmental biotechnological potential of these microbial isolates (used individually or in co-cultures) 
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 has confirmed the potential of environmental biotechnology to overcome technical barriers involved in the generation of alternative bioenergy as well as the biodegradation of wastewaters. The biological approaches of microbial strains isolated in this study represent cost effective, green technology that can be applied economically at large scale. 
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1.1 Introduction Two major contemporary issues facing society today are (I) the development of sustainable energy as a long term replacement for finite fossil fuels resources and (II) developing more efficient methodologies to biologically treat contaminated water supplies arising from domestic and industrial wastewaters (Amin 2009; Bhatt et al. 2014; Hochman & Zilberman 2014; Ramachandran et al. 2013). Throughout the twentieth century, fossil fuels (crude oil, coal and natural gas) were heavily exploited as the main source of energy; crude oil in particular was used as the starting material for the production of a range of valuable products including fine chemicals, pharmaceuticals, detergents, fibre, plastics, pesticides, fertilizers, solvent and asphalt to meet the growing demand of modern societies (Naik et al. 2010). Currently, fossil fuels are classified as neither non-renewable nor environmentally friendly; in addition the main fossil fuels reserves and the producer countries are often regarded as unstable and insecure (Guardabassi & Goldemberg 2014; Naik et al. 2010). The negative adverse effects of using fossil fuels as the main source of energy are well documented and include environmental pollution such as increasing global carbon dioxide (CO2) emissions. The resulting effects of these greenhouse gas emissions (GHG) in terms of global warming and climate change have widely been attributed to the large-scale use of fossil fuels (von Blottnitz & Curran 2007). Reducing the accumulated, atmospheric CO2 concentration can only be achieved by reducing the use of fossil fuels and/or capturing, sequestering or utilizing the CO2 emitted by fossil fuel combustion or other sources before it enters the atmosphere (Amin 2009). There is therefore currently immense interest in the production of renewable biofuels from sustainable, cheap, plentiful and clean resources. Environmental pollution is a term which refers to the release, discharge or disposal of various pollutants and contaminants (solid, liquid or gases; physical, chemical and biological) as a consequence of industrial processes without appropriate treatment to meet the standard regulations required prior to discharge into the environment (water, air and soil), causing a threat to humans, animals, plants and to the entire environment (Wu et al. 2010). A Cornell University research survey concluded that about 40 % of human deaths worldwide were caused by different types of pollution (water, air and soil) (Pimentel et al. 2010). The situation is worse in developing countries. Unfortunately, approximately 90% ~ 95% of untreated urban sewage, toxic and carcinogenic chemicals generated from textile companies are discharged directly into running waters in developing countries without appropriate treatments. Pollution is also a serious threat to water quality in developed countries, including the United States, U.K. and Australia. For example, it was estimated that about 40 % of the U.S. lakes were not safe for swimming due to indirect discharge of sewage and chemical pollutants (US-EPA 1994) (EPA 1994). Polluted water not only increases the potential risks of liver and kidney damage but also different types of cancers could develop in humans exposed to contaminated water (Aleer et al. 2011). It is estimated that 
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 110 tonnes of benzene and over one million tonnes of petrogenic hydrocarbons are spilled into terrestrial ecosystems every year in the UK, mainly through vehicle emissions and from the chemical industry (Fahy 
et al. 2006). Here in Australia, about 27 million litres of crude oil waste are illegally dumped annually without appropriate treatment (Aleer et al. 2011). In this research described herein, both of these key aspects (I and II), which are inextricably linked will be addressed along with the potential of related biotechnological applications. 
1.2 Applications of environmental biotechnology in today’s world Biotechnology is a well-known phenomenon that describes the optimal utilization of living macro or microorganisms or substances (metabolites; enzymes or microbial biomass, activated or in-activated) obtained from these organisms for the formation of value-added products, protecting the environment as well as offering the potential for improvements and solving the technical barriers involved in different industries that leads to increased quality of life, environmental health and industrial productivity (Chauhan & Bhatnagar 2014). Biotechnology is largely focused into five main areas of applications; (I) industrial applications, (II) environmental biotechnology, (III) human health, (IV) animal biotechnology and (V) plant biotechnology , each requiring multidisciplinary approaches (Chauhan & Bhatnagar 2014; Evans & Furlong 2003). Due to rapid advances in modern biotechnology, it offers great potential future for commercial applications including renewable-energy and waste management. Specifically, the applications of environmental biotechnology lead the optimal utilization of natural resources and the prevention of environmental contamination (Chakrabarti 2014; Chauhan & Bhatnagar 2014; Lim, Shukor & Wasoh 2014; Meng & Ragauskas 2014; Moldoveanu 2014; Singh et al. 2014).  
Unlike traditional industry which depends on non-renewable energy and finite resources, environmental   biotechnologies often require less energy and use sustainable materials, resulting in less pollutants and reduced greenhouse gases (Gavrilescu & Chisti 2005). For example, the commercial success of the 2nd generation of biofuels, based on the utilization of inedible of lignocellulosic biomass is likely to depend largely on the development of environmental biotechnological applications involving the screening for potential individual lignocellulosic degraders or construction a unique consortia that are required to overcome current technical barriers. In summary environmental biotechnology has the potential to become a leading biotechnology in the 21st Century; however its success relies up the continued development of environmental technologies which will involve new isolates and microbial cultures coupled to innovative screening and assessment technologies to rapidly evaluate their biotechnological potential. 
1.3 Energy resource concerns Currently, the main source of energy supply worldwide (80 ~ 88 %) is generated from fossil fuels (crude oil, coal and natural gas), which undoubtedly are finite and exhaustible resources and their current rate of consumption cannot be sustained for long (Figure 1.1A) (Erakhrumen 2014; Guardabassi & Goldemberg 2014). An estimation of the value of fossil fuels in the international trade market is around 1.5 trillion 
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 dollars annually. Many other industrial products such as pharmaceuticals, detergents, synthetic fibres and other petrochemical products are generated as derivatives from fossil fuel resources (Naik et al. 2010). Both the World Energy Outlook (WEO, 2007) and the Organization of Petroleum Exporting Countries (OPEC) agree that the global energy market will continue for no more than one or two generations (up to 2030) to depend on fossil fuels as the main source of energy to meet the universal projected growth (Guardabassi & Goldemberg 2014). According to OPEC (2014) the total world oil demand was projected to grow by 1.09 % during 2013 (from 88.92 to 89.89 mb day -1) and expected to grow further by 1.22 % during 2014 (from 89.89 to 90.98 mb day -1). In addition, as the world population rapidly increases, the worldwide fossil fuel demand is expected to at least double or perhaps triple during the 21st century (Balat, Balat & Öz 2008). In contrast, the total actual OPEC and Non-OPEC crude oil production was 31.58 mb day -1 and 51.99 mb day -1 (83.57 mb day -1) respectively during 2013 and predicted to reach 30.92 mb day -1 and 53.26 mb day -1 during 2014 (84.14 mb day -1) respectively. The gap between the universal crude oil demand and the total actual production is increasing rapidly every year leading to increasing prices of fossil fuels. Consequently, the overconsumptions of these finite resources have also significantly contributed to security concerns regarding oil supply worldwide (Goldemberg 2007). The majority of fossil fuel consumption is used in the transportation sector (60 - 65 % in 2011) which is expected to increase dramatically as the world population increases (Figure 1B) (Das & Singh 2004; Guardabassi & Goldemberg 2014). A shift from exhaustible fuels to sustainable biofuels will not only to reduce the reliance on finite and expensive oil imports but will also lead to environmental and social benefits (Balat, Balat & Öz 2008; Guardabassi & Goldemberg 2014). Illinois, the US President’s State have pledged that by 2025 more than 75 % of the imported crude oil will be replaced with eco-friendly bioenergy, representing a bio green state’s model for other states and countries to follow (Hochman & Zilberman 2014). Determined actions, regulations and obligations need to be taken not only lessen the dependence on fossil fuels but also to overcome the technical constraints involved in the production of biofuels from cheap, abundant and non-food materials to enable commercialization before the main current energy sources are depleted. Due to limited capacity for bioethanol production from edible substrates, by 2030 many countries including USA and EU have an over-optimistic target focusing on producing liquid bioethanol as an alternative fuel for transportation sector from non-food feedstocks; USA proposes to produce 227 billion liters per year (60 billion gallons) while the aims for the EU are to produce one-fourth of the European transportation fuel requirements by 2030 throughout the modern implementations of environmental biotechnology (Van Dyk & Pletschke 2012). However, there remain key limitations regarding the production of bioethanol from cellulosic substrates. This is recognised and attempts are being made to resolve this bottleneck. For example through USA government subsidisation, Novozymes and Genencor pledged to develop a commercial enzyme mixture containing up to 80 different enzymes for application in biofuel production for one specific substrate (corn stover)  (Van Dyk & Pletschke 2012).  
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    Sustainable biomass refers to renewable, biodegradable and CO2-neutral feedstocks such as lignocellulosic waste, forestry waste, municipal solid and industrial waste, aquatic plants and microalgal biomass (Gultom & Hu 2013). Approximately 70 % of agricultural-based biomass is locked up in 5 and 6 carbon sugars composed mainly of cellulose, hemicellulose and lignin (Maki, Leung & Qin 2009). Biofuels (solid, liquid or gaseous) are derived from different sustainable feedstocks with biofuels being classified as being generated from first, second or third generations of bioenergy’s substrates respectively (Dragone 
et al. 2010). The production of the first generation of biofuels (which was generated from edible sources) today produces almost 100 billion liters (26.4 billion gallon) produced annually worldwide (Naik et al. 2010). Bioethanol can be blended with current petroleum-based fuels either as a 10 % (v/v) blend up to an 85 % (v/v) blend, as well as being used as a pure hydrated ethanol (Balat, Balat & Öz 2008; Galbe & Zacchi 2007; Guardabassi & Goldemberg 2014). A great deal of information is available regarding bioethanol production; German scientist first began to produce bioethanol from wood using acid hydrolysis (sulphuric acid) almost 100 years ago (Wu et al. 2010). Although the 1st generation of biofuels offers great potential commercially as an alternative, sustainable and less polluting source compared to fossil fuels, it has considerable economic, food security and environmental limitations (Schenk et al. 2008). First generation biofuels appear unsustainable on the basis that it uses food-based feedstocks like corn, sugarcane, wheat or soybean (vegetable oils) as a raw material, raising major nutritional and ethical concerns, in particular for developing countries where already more than 800 million people suffer from hunger and starvation. Additionally, the intensive use 
A B Figure 1.1. The percentage of the total primary energy supply globally (A) and the percentage shares of oil demand by sector in 2010 (B). Adapted from Guardabassi & Goldemberg (2014) and World Oil Outlook 2013 (Guardabassi & Goldemberg 2014). 
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 of arable land, fertilizers, pesticides and water for biofuel production can cause significant environmental problems (Schenk et al. 2008). The second and third generations of biofuels from previously untapped sources (like lignocellulosic waste (LCW) and microalgae) are more promising and offer great promise as cheap, sustainable feedstock supplies, free from conflict with food production and above all less polluting and environmentally friendly (Galbe & Zacchi 2007). However second and the third generations of biofuels cannot yet be produced economically on a large scale (although pilot and demonstration facilities are being developed using environmental and industrial biotechnologies) because there are a number of technical barriers which make the operational and production costs ineffective commercially (Dragone et al. 2010; Salim et al. 2011). The current limitations of the second and the third generations of biofuels at the commercial scale are enzymatic hydrolysis (bioconversion or saccharification) of the lignocellulosic biopolymers components into reducing sugars and the harvesting of microalgae (separation and dehydration) respectively (Das & Singh 2004; Galbe & Zacchi 2007; Pimentel et al. 2008; Schenk et al. 2008). A comparison between fossil fuel and first, second and third generations of biofuels are briefly illustrated in (Table 1.1).  
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 Table 1.1 Comparison between petroleum fuel, first, second and third generations of biofuels (advantages and limitations) (Naik et al. 2010). 
 
Fuel resource 
 
 
Advantages  Limitations  References 
 
I. Fossil fuels 
(Oil, Coal and 
Gas) 
 
The main source of energy and plays a crucial role in the world energy market. Cheap, available and easy to process. Crude oil used as the starting material for the production of a range of products. 
Imported from politically unstable regions. Exhaustible and finite resources. Depletion of fossil fuel reserves leading to security concerns. Extensive causing of environmental pollution and Greenhouse gas emissions. 
   (Hochman  Zilberman 2014; Na  
et al. 2010) 
 
 
II. Ist generation 
of biofuel 
The resources are widely available. Renewable and alternative resources for sustainable bioenergy. Currently blended with fossil fuel from 10 % up to 85 %. Environmentally friendly and less polluting. Biofuels might also provide employment in rural areas. 
Feedstocks are renewable but edible (corn and sugarcane). Limited feedstock (food versus fuel) and expensive (40~75 % of the total cost). Create food versus fuel conflict. Environmental, economic and food security concerns. 
   (Hochman  Zilberman 2014; Na  
et al. 2010) 
III. 2nd and 3 rd 
generations 
Feedstocks are abundant, cheap (lignocellulosic waste) but some limitation (forest versus fuel). No food-fuel conflict.  Renewable and alternative resources. Micro algae can produce oil and bioethanol. Environmentally friendly and less polluting. Potentially cheaper than all kind of fuels (feedstocks are very cheap). Biofuels might also provide employment in rural areas. Feedstocks are geographically more evenly distributed than the 1st generation and fossil fuels resources. Ethanol can be blended with petrol or used as neat alcohol in dedicated engines. 
Advanced biotechnology still under development (bioconversion and harvesting).     (Hochman  Zilberman 2014; Na  
et al. 2010) 
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1.4 Bioethanol production 
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Figure 1.2. Overview of the process steps for bioethanol production from  1st and  2nd generation substrates (sugarcane, corn and lignocellulosic material); adapted from Mussatto et al. (2010) (Mussatto 
et al. 2010). The technology behind the production of liquid bioethanol for the first and the second generations of biofuels resources is either by direct fermentation of the sugarcane juice (after sucrose is hydrolysed  into momomers) or a combination of simple saccharification (breaking down starch into simple reducing sugars) followed by fermentation of the reducing sugars from corn, wheat and rice (or LCW) into bioethanol (Figure 1.2) (Mussatto et al. 2010). Since the dramatic increase in fossil fuels price over the last 14 years, bioethanol has become cost-competitive compared to traditional fossil fuels (Naik et al. 2010). In comparison to the fossil fuels’ cost per barrel ($ 110), the cost of producing bioethanol (from 1st generation) is estimated at $ 30 per barrel, confirming that it has the capability to be cost-effective as an alternative candidate for the transportation sector (Balat, Balat & Öz 2008). Currently, annual bioethanol production is about 100 billion liters. The United States and Brazil contribute about 70 - 80 % of the total world production of bioethanol (50 ~ 69 % from USA and 19.6 ~ 30 % from Brazil) (Guardabassi & Goldemberg 2014; Harun et al. 2014). Unfortunately, the total worldwide production of (1st generation) biofuels in 2005 amounted to less than 840 thousand barrels per day which is equivalent only to about 1 % of the total road transport fuel consumption globally (Balat, Balat & Öz 2008). In 2014, although world biofuel (bioethanol, biodiesel and bio-oil) production has increased seven fold since 2000, the total 
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 biofuels production still only meet 2.3 % of the total final liquid fuel demands (Bhatt et al. 2014). Therefore other cheap, plentiful and untapped (inedible) feedstocks are urgently required for long term sustainable and environmentally friendly bioenergy supply (Hochman & Zilberman 2014). 
1.5 Cellulosic bioethanol (second generation of biofuels) In comparison to exhaustible fuels (oil, coal and gas) and bioethanol produced from food-based resources (1st generation biofuels), studies show that biofuels generated from lignocellulosic residues (such as switchgrass, lignocellulosic waste) have large net GHG savings and could be a great option for long term sustainable bioenergy supply if the environmental biotechnology applied to solve the constrains involved  (Alvira, Ballesteros & Negro 2013; Alvira et al. 2010; Naik et al. 2010). The annual estimation of the worldwide wastes generated during 2010 was about 20 billion tons of which about 350 million tons were organic wastes arising from agricultural sources (Chakrabarti 2014). The main sources of agricultural waste are classified as non-food feedstocks, nonedible oilseeds or as lignocellulosic residues such as bagasse or crop residues, vegetables and cereals, groundnut shell, wooden and forest mill waste, coconut husk and cotton stalks (Chakrabarti 2014; Harun et al. 2014). Unlike the 1st generation of bioethanol resources, there is no additional arable land, fertilizers and water required and there is no environmental burden and food security concerns (von Blottnitz & Curran 2007). Lignocellulosic bioethanol has gained immense attention worldwide as a potential addition or replacement to fossil fuels despite the technical barriers (saccharification or enzymatic hydrolysis) involved (Harun et al. 2014).  Lignocellulosic biomass (containing 55–75% carbohydrates) sometimes named cellulosic biomass, is a heterogeneous complex of carbohydrate polymers (cellulose and hemicellulose), and lignin (which imparts further strength), which form a tightly packed, tough complex structure which is water insoluble and resistant to depolymerisation, microbial and chemical attack (Figure 1.3) (Mosier et al. 2005). The three main components of lignocellulosic waste (LCW) are cellulose, hemicellulose and lignin (Figure 1.3). Cellulose is the most abundant organic molecule on earth representing a linear homopolysaccharide 
polymer consisting solely of glucose molecules linked by β-1, 4-glycosidic bonds. The basic repeating unit of the cellulose polymer consists of two glucose anhydride units, called a cellobiose unit. Cellulose is linear, insoluble in most solvents and resistant to chemical and microbial attack (Balat & Balat 2009). Hemicellulose is the second major constituent of lignocellulosic biomass. Hemicellulose is composed of a mixture of various polymerized monosaccharides such as pentoses (including xylose and arabinose), hexoses (mainly mannose, less glucose and galactose) and sugar-acids (gluco-uronic acid) (Balat & Balat 2009). Hemicellulose is a branched and non-cellulosic heteropolysaccharide, including xylans, arabinans, mannans, galactans and glucans. The dominant sugars in hemicelluloses are xylose (xylan) in hardwoods and agricultural residues and mannose (mannan) in softwoods (Bhatia, Johri & Ahmad 2012). Lignin is the third main heterogeneous biopolymer present in lignocellulosic residues. Lignin is a complex polymer of aromatic units synthesised from phenylpropanoid precursors (Koppram et al. 2014; Kumar, Singh & Singh 2008; Pérez et al. 2002; Zhao et al. 2012). Lignin is an amorphous heteropolymer, arising from three different phenylpropanoid precursors (p-coumaryl, coniferyl and sinapyl alcohol) (Kirk & Farrell 
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 1987). Lignin is a recalcitrant molecule resistant to both microbial and chemical attack (Hendriks & Zeeman 2009).  The chemical composition of LCW varies from one substrate to another and it has a great impact on saccharification or biodegradation efficiency (Sanchez 2009). In general, LCW contains cellulose (35-55 %), hemicellulose (25-35 %), lignin (15-25 %) and extractives (0 - 5 %) (Figure 1.3) (Kumar, Singh & Singh 2008; Mosier et al. 2005; Sanchez 2009). Each polymer requires a cocktail of different enzymes working together in synergy to biologically breakdown the biopolymers into simple sugar monomers. There are many factors that have been identified which affect the conversion of polysaccharides into monomeric sugars. These factors include porosity of the LCW (accessible surface area), cellulose crystallinity, lignin and hemicellulose content (Sun & Cheng 2002). Wheat straw and rice straw are by far the most abundant agricultural wastes globally. The annual average production of wheat, rice and sugarcane straw globally are 354, 731 and 181 million tons respectively (Dashtban, Schraft & Qin 2009). These waste materials are often available at very low cost, as a cheap substrate for biofuel production or as a cheap media for the induction of lignocellulolytic (crude) enzymes production (Balat 2011; Balat, Balat & Öz 2008; Chandrakant & Bisaria 1998; Dashtban, Schraft & Qin 2009; Hashem, Ali & Abdel-Basset 2013; Margeot et al. 2009).   Unlike the 1st generation substrates (corn, sugarcane and vegetable oils), 2nd generation substrates (due to the complexity of lignocellulosic structure) must be exposed to an appropriate pre-treatment prior to enzymatic hydrolysis to breakdown the robust and recalcitrant structure of the lignocellulosic material in order to increase the accessibility of hydrolytic biocatalysts to the polysaccharides (cellulose and hemicellulose) present (Fig. 1.3) (Koppram et al. 2014). The digestibility and the conversion efficiency of the hemicellulose and cellulose present in the pre-treated lignocellulosic waste increase significantly compared with the untreated lignocellulosic waste (Hendriks & Zeeman 2009; Sun & Cheng 2002). The polysaccharide biopolymers (cellulose and hemicellulose) are encapsulated with lignin which forms a physical barrier and adds increased resistance to chemical and microbial attack which therefore hinders the hydrolysis of the polymers into reducing sugars (Maki et al. 2012; Mosier et al. 2005; Sanchez 2009). Enzymatic hydrolysis therefore requires excessive use of high-cost enzymes to breakdown the polysaccharide biopolymers (cellulose and hemicellulose) into fermentable sugars (Maki, Leung & Qin 2009; Margeot et al. 2009; Viikari, Vehmaanperä & Koivula 2012; Wang et al. 2012). In addition cellulose is coated or sheathed by hemicellulose which acts as a blocking seal limiting the access of cellulases and hemicellulases (L. Agustini 2012). Moreover, cellulose crystallinity has an adverse effect on the enzymatic hydrolysis of cellulose and as a consequence the yield of monosaccharides decrease with increased crystallinity (Viikari, Vehmaanperä & Koivula 2012). The disruptions and partial removal of lignin and hemicellulose, reduction of cellulose crystallinity and increasing the porosity of the LCW can significantly improve the hydrolysis rate from 6.8 % of untreated biomass to 98 % of pre-treated lignocellulosic biomass (Hendriks & Zeeman 2009; Sun & Cheng 2002). 
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           Figure 1.3. General structure of LCW, with general structures of each component (cellulose, hemicellulose and lignin)  (Wang, Nolte & Shanks 2014).   
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1.6 Third generation of biofuels Algal biomass has also been seen as an attractive and inedible feedstock for biodiesel, bioethanol and phyco-remediation studies because of their high capacity to produce oil or bioethanol  (Chakrabarti 2014; Hochman & Zilberman 2014). There are two kinds of algae; macroalgae and microalgae. The macroalgae are multicellular, up to several meters in size, basic seaweeds which grow on rocky substrates and classified into brown, red and green macroalgae (Bhatt et al. 2014). The world market value of macroalgae and their derivatives (such as agar) has been estimated at $ 5.5–6 billion annually. In addition, many types of macroalgae are being used in the food industries which are estimated to generate an additional $ 5 billion a year. Microalgae are microscopic organisms (from small size organism- picoplankton; 0.2–2 μm to filamentous forms; 100 μm or more) (Bhatt et al. 2014; Hochman & Zilberman 2014; Rawat et al. 2011). The advantages of producing sustainable greener and cleaner biofuels from microalgae appear enormous. The most important advantages are that microalgae require non-arable land for culturing, give high productivity, are non-feed or food-based feedstock and can potentially reduce GHG emissions (due to potential recycling of atmospheric CO2) (Chakrabarti 2014). Another advantage exploits its ability to be harvested frequently (daily) and the oil extracted to make sustainable biodiesel for transport use without any modifications (Chakrabarti 2014). Highest biodiesel production annually by microalgae has been reported to be 137,000 l of oil per ha compared to 1,892 lof oil per ha by Jatropha, 446 l of oil per ha by soybeans and 1,190 l of oil per ha by rapeseed (Chakrabarti 2014). Additional advantages compared to conventional crop feedstocks (corn, wheat and sugarcane) include minimal waste, low water intake and low costs associated with culturing microalgae (Harun et al. 2014). Microalgae also have the capability to bioremediate and transform pollutants such as nitrogen, carbon, phosphorus, sulfur, magnesium, calcium, and traces of minerals (iron, cobalt, nickel, molybdenum, selenium, copper, zinc, boron, manganese and chloride) in sufficient quantities from municipal and industrial wastewaters effectively (Naik et al. 2010). It is therefore possible to use wastewaters as a source of nutrients for microalgal production. 
1.7 Competitiveness of biofuels According to the U.S. Energy Information Administration the equation below can be used to calculate the price of gasoline produced from crude oil in the USA (Haque & Epplin 2010);   
𝒖𝒏𝒍𝒆𝒂𝒅𝒆𝒅 𝒈𝒂𝒔𝒐𝒍𝒊𝒏𝒆 ($ 𝒑𝒆𝒓 𝒈𝒂𝒍𝒍𝒐𝒏)  = 𝟎.𝟎𝟓 + (𝟎.𝟎𝟐𝟓𝟗 𝒙 𝒄𝒓𝒖𝒅𝒆 𝒐𝒊𝒍 𝒑𝒓𝒊𝒄𝒆 $ 𝒑𝒆𝒓 𝒃𝒂𝒓𝒓𝒆𝒍) Therefore, according to the current crude oil price ($110 per barrel), the expected US price of unleaded gasoline is estimated to be about $ 2.90 per gallon ($ 0.77 per litre) (Haque & Epplin 2010). However, in comparison to unleaded gasoline ($ 2.90) the price of 10 % blended ethanol-gasoline is equivalent to $1.91 per gallon ($ 0.51 per litre) according to the US’s marginal value (Haque & Epplin 2010). On the other hand, the price of bioethanol generated from edible resources (corn in the USA and sugarcane in Brazil) was estimated around $2.50 per gallon ($ 0.66 per litre) due to the expensive cost of edible 
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 feedstocks (Goldemberg 2007). Consequently, bioethanol from edible resources is only price competitive to the traditional fossil fuels when the price of fossil fuel is very high ($ 110 per barrel). Interestingly, the expected commercial cost of cellulosic ethanol would be $ 1.07 per gallon ($ 0.28 per litre) which is very competitive in comparison to the current existing fuels prices (gasoline or gasoline-blended with ethanol) (Goldemberg 2007). Therefore, the U.S. Energy Independence and Security Act (EISA) in 2007 mandated an optimistic target of producing 60 billion litres of cellulosic biofuels by 2022 under an optimum economy ($ 0.28 per liter) from wood chips and lignocellulosic waste (e.g. corn stover) materials (Haque & Epplin 2010). It has been reported that the semi-commercial facility (to produce cellulosic ethanol) produces 100 gallons (378 litre) of ethanol per dry ton biomass (Haque & Epplin 2010). The total production cost of cellulosic bioethanol therefore remains economically competitive even if fossil fuel prices drop. Approximately 50 % of total fossil fuels production, 61 % of the remaining crude oil and 41 % of natural gas reserves are located in the Middle East which is largely a politically unstable and insecure region. Many countries depend on these regions for fossil fuel supply, as well as bearing extra cost for import duties (Guardabassi & Goldemberg 2014). It has been estimated that the importation cost per litre of gasoline was about 30 % of the total cost. For example, Goldemberg (2007) calculated the import fees to the US per gallon (3.785 litre) was about $ 0.54 while the actual cost per gallon was $1.90 (Goldemberg 2007). Many other environmental concerns are also associated with the transfer of these flammable and toxic resources, such as oil spills, leaks or explosion of oil tankers (i.e. Gulf of Mexico, where 26.5 million litres of petroleum mixed with the surrounding aquatic environment) (Simons et al. 2012). In contrast lignocellulosic biomass is evenly distributed geographically throughout the world and could be a suitable alternative feedstock not only for bioethanol production but also could promote rural economies and create more jobs (Banerjee et al. 2010; Hochman & Zilberman 2014).  Table 1.2 highlights the bioethanol potential of the main lignocellulosic waste streams.  The production of cellulosic ethanol (2nd generation) and biodiesel from microalgae (3 rd generation) have received immense attention worldwide as sustainable, alternative and cost competitive sources of energy. However, as previously stated both 2nd and 3rd generations of biofuels are not yet applicable commercially due to some technical barriers which need to be overcome throughout the application of environmental biotechnology (Salim et al. 2011).     
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  Table 1.2. Different non-edible feedstocks for bioethanol production and their composition and comparative bioethanol production potential. Adapted and modified from  (Balat, Balat & Öz 2008; Sarkar et al. 2012). 
Biofuel 
resources Carbohydrates (%) 
 
Residue : 
crop Dry matter 
Average of worldwide 
production  
Bioethanol production 
potential Reference 
 Cellulose Hemicellulose Lignin ratio  (%) (1997-2001 in million tonne) (l 1000 kg −1 of dry biomass)  
Wheat straw 32.9 ~ 50 24 ~ 35.5 8.9 ~ 17.3 1.3 90.1 354.34 280 ~ 290 
(Balat, Balat & Öz 2008; Conde-Mejía, Jiménez-Gutiérrez & El-Halwagi 2012; 
DEMİRBAŞ 2005; Kim & Dale 2004; Sarkar et al. 2012) 
Rice straw 36.2 ~ 47 19 ~ 24 9.9 ~ 24 1.4 88.0 731 ~ 900 280 
sugarcane straw 40 ~ 41.3 27 ~ 37.5 10 ~ 20 0.6 71.0 180.73 280 
Pea straw NA NA NA NA NA NA NA 
Corn stalks 35 ~ 39.6 16.8 ~ 35 7 ~ 18.4 1.0 78.5 203.61 225.7 ~ 290  
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1.8 Pre-treatment of lignocellulosic materials The main purpose of the pre-treatment step is to enhance the digestibility of lignocellulosic material effectively. There are many biological, chemical, physio-chemical and physical processes used singly or in combination used for the pre-treatment of lignocellulosic materials. The effects of different pre-treatments on the physical and chemical composition of lignocellulose are well-reviewed (Table 1.3) (Hendriks & Zeeman 2009; Mosier et al. 2005). Biological pre-treatments refer to the use of microorganisms (bacteria or fungi; mainly brown, white and soft-rot fungi) or their metabolites (ligninolytic enzymes) for the selective delignification of lignocellulosic biomass to enhance their susceptibility to enzymatic hydrolysis and therefore increasing the digestibility of the lignocellulosic substrates. The most promising microorganisms are the white rot fungi, which are renowned for producing extracellular (hydrolytic and oxidative) enzymes including lignin peroxidase (Lip; E.C:1.11.1.14), manganese peroxidase (MnP; E.C.1.11.1.13), versatile peroxidase (E.C.1.11.1.16) and laccase (Lac; E.C:1.10.3.2) which are responsible for lignin biodegradation (Fig. 1. 4 C)  (Alvira et al. 2010; Singh et al. 2014). Despite the fact that biological pre-treatment offers advantages such as low-capital cost, low energy demand and do not require chemicals and produce minimal waste there are many disadvantages associated with this method which make this process economically less attractive on an industrial scale for bioethanol production. The main disadvantages include the large amount of space required (associated with the low density of lignocellulosic substrates), the high cost of enzymes required and the low hydrolysis rate obtained compared to other pre-treatment methods. In addition, some of the carbohydrate fractions present in the lignocellulosic substrate are also consumed by the microorganisms during the delignification pre-treatment. Also, some of the lignin biodegrading derivatives (phenolic compounds) act as inhibitors to the hydrolysis and fermentation steps which therefore reduce the efficiency of the process substantially (Alvira et al. 2010; Singh et al. 2014). Chemical pre-treatments are carried out using different chemicals, oxidizing agents or solvents (including acids HCl, H2SO4; alkalines, NaOH, NH4OH or oxidizing agents, H2O2, peracetic acid) at different concentrations (diluted 0.05 M or concentrated 10 M) at a variety of different temperatures for different durations and at different ratios (Table 1.3). The objectives of this treatment are to solubilize some of the hemicellulose and lignin from around the cellulose by causing redistribution and modifications in the structure of the three dominant components making the cellulose more accessible to microbial or enzymatic attack (Hendriks & Zeeman 2009). However, the soluble lignin and hemicellulose derivatives often inhibit the hydrolysis and fermentation processes and loss of carbohydrate and fermentable sugars can also occur. To minimize cellulose and hemicellulose degradation and the formation of inhibitors during pre-treatment, the pH is usually kept between 5 and 7. A significant amount of wastewater is also generated from the chemical pre-treatment which requires further treatment, adding to the cost. Harun and Danquah (2011) reported that there was a ~ 7 fold decrease in sugar composition (xylose, mannose, glucose and galactose) in acid pre-treated microalgal (powdered) biomass (Chlorococum humicola) compared to untreated biomass for bioethanol production under the same conditions (Harun & Danquah 
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 2011). Although this chemical pre-treatment appears effective for some substrates (with very low-lignin content), it is generally costly, sometimes ineffective and not environmentally friendly compared to the value of glucose and the chemical wastes produced (Hendriks & Zeeman 2009; Mosier et al. 2005). Moreover, the pre-treatment step is one of the most expensive processing steps (after enzymatic hydrolysis) in lignocellulosic biomass-to-fermentable sugars conversion with costs as high as 0.30 $ per gallon of ethanol produced (Mosier et al. 2005). Therefore, the disadvantages of the chemical pre-treatment make it less attractive for bioethanol production commercially (Hendriks & Zeeman 2009). Mechanical pre-treatment (physical grinding; cutting, chipping, grinding or milling the lignocellulosic biomass into small pieces or microscopic size) has received renewed attention as a promising pre-treatment method for enhancing the enzymatic saccharification of lignocellulosic biomass (Table 1.3).  Commercially it is cost effective, requires no chemicals, no further waste is generated and therefore represents a safe and eco-friendly method (Bhatia, Johri & Ahmad 2012). This pre-treatment avoids the loss of carbohydrate from the biopolymers (cellulose and hemicellulose) and the generation of end-product inhibitors (glucose, cellobiose and other oligosaccharides), inhibitory compounds generated from the degradation of cellulose, hemicellulose and lignin (e.g. furan derivatives, weak acids and phenolic compounds) and can be readily upscaled (Koppram et al. 2014; Mosier et al. 2005; Sun & Cheng 2002). The main aim of mechanical pre-treatment is to increase the surface area by reducing the particle size (10–30 mm after chipping and 0.2–2 mm after milling or grinding), as well as achieving partial depolymerisation of cellulose and hemicellulose to change or partially disturb the physical structure of the lignocellulosic substrate by opening up the lignin barrier and reducing cellulose crystallinity which leads to an increase in surface availability making it more susceptible to microbial or enzymatic attack and increasing the total hydrolysis yield by 25% (depending on the type of lignocellulose and the type and duration of the milling) (Ball & McCarthy 1988; Bhatia, Johri & Ahmad 2012; Hendriks & Zeeman 2009; Himmel et al. 2007; Kumar et al. 2009). Hendriks & Zeeman (2009) concluded that mechanical pre-treatment and ammonia fibre explosion (AFEX) are the only pre-treatments which have a positive effect on cellulose crystallization of lignocellulosic biomass (Hendriks & Zeeman 2009). The cost of the mechanical pre-treatment depends on the final particle size and the characteristics of the lignocellulosic biomass (Bhatia, Johri & Ahmad 2012). The energy input for physical grinding (to get final particle size at a range of 3–6 mm) can be minimized to below 30 kWh per ton of biomass (Li, Liu & Liu 2014). Ball milling has been found to be more effective in reducing cellulose crystallinity than other ordinary physical comminution techniques (Bhatia, Johri & Ahmad 2012).  
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 Table 1.3. Different pre-treatment methods of lignocellulosic waste, effect, advantages and disadvantages. Adapted from (Conde-Mejía, Jiménez-Gutiérrez & El-Halwagi 2012; Moreno et al. 2014; Sarkar et al. 2012) . 
  
Energy source 
 
  
Effect 
  
Advantages and disadvantages 
 
References 
 
 
 
 
Biological 
Microbe (bacteria, fungi and actinomycetes) White rot fungi (Basidiomycetes or Ascomycetes) Solid state or submerged state fermentation Enzymatic delignification processes using ligninolytic enzymes  
Selective in lignin and lignin-hemicellulose biodegradation  Disturbing the three components and alter or remove lignin Disrupt lignin polymers and facilitate the bioconversion process Increased number of pores and the available surface area Cellulose and hemicellulose are expected to remain intact 
Environmentally friendly and low energy consumption Delignification ratio dependent on the microbial strains Very slow rate of degradation and delignification efficiencies varied (from 6 % to 92 %) The microbes utilize sugars from cellulose and hemicellulose Lower amount of inhibitory compounds produced Using ligninolytic enzymes increase the delignification efficiency with no carbohydrate consumption and no need of nutrient supplementation 
   (Conde-Mejía, Jiménez-Gutiérrez & El-Halwagi 2012; Moreno et 
al. 2014; Sarkar et 
al. 2012) 
 
 
 
Physical 
Mechanical size reduction by milling, grinding or chipping Wet , dry , vibratory and compression milling Comminution (ball mill, colloid, hammer, compression) Irradiation (electron beam, gamma-ray, microwave) Electric (pulsed electrical field) and sonication 
Disrupt plant cells, increase surface area and pore sizes Decrease particle size and cellulose crystallinity Soften and partially depolymerize lignin Partial alter the structure of cellulose and hemicelluloses 
No toxic waste and inhibitors generated from this processes Simple equipment and simple process but high power consumption Semi destruction of cellulose, hemicellulose and incomplete disruption of the lignin  Cost depends on the initial and final particle sizes 
   (Conde-Mejía, Jiménez-Gutiérrez & El-Halwagi 2012; Moreno et 
al. 2014; Sarkar et 
al. 2012) 
 
 
 
Physio- 
chemical 
Steam explosion or autohydrolysis Ammonia fibre explosion (AFEX) Steam explosion or using hot water (Liquid hot water) CO2 explosion 
Make biomass more accessible to enzymatic attack Improve the efficiency of downstream processing High recovery of xylose (45 ~ 65 %) 
Simple, has a short process time and low enzyme loading is required Energy and chemical consumption and required specific costly equipment The recovery of ammonia is necessary to be  economically feasible Consume 8.8  tonne water per tonne of dry biomass Expensive (1 kg ammonia per kg of dry biomass) and pollute the environment Producing of undesired degrading compounds such as furfural, carboxylic acid (LHW) Less efficient for biomass with high lignin content 
   (Conde-Mejía, Jiménez-Gutiérrez & El-Halwagi 
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 2012; Moreno et 
al. 2014; Sarkar et 
al. 2012) 
 
 
 
Chemical 
Organosolvent using different solvents Acid and alkaline hydrolysis (hydrochloric, nitric, phosphoric, sulphuric & sodium,  calcium and ammonium hydroxide) Oxidation using oxidizing agents  (ozonation and wet oxidation) 
Extraction of lignin and improve hydrolysis of cellulose Decrease the crystallinity of cellulose due to swelling Alkaline pre-treatment digests the lignin matrix Makes cellulose and hemicellulose available for saccharification Disrupt the cell wall  
Fast, has the highest bioethanol efficiency and ideal for biomass with low-lignin content. High in delignification, saccharification and economic only when solvents being recycled Chemicals are expensive and solvents are explosive and inflammable Generation of inhibitory compounds which affect the downstream hydrolysis and fermentation Water and energy consumption (consume about 8 tonne of water and $ 60 per each tonne of dry biomass)  
   (Conde-Mejía, Jiménez-Gutiérrez & El-Halwagi 2012; Moreno et 
al. 2014; Sarkar et 
al. 2012) 
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1.9 Enzymatic hydrolysis of lignocellulosic biomass into reducing sugars After the pre-treatment step LCW undergoes enzymatic hydrolysis or bioconversion (saccharification) of lignocellulosic material to fermentable sugars. The hydrolysis step of the lignocellulosic substrate into fermentable sugars can be carried out chemically or enzymatically (Hendriks & Zeeman 2009; Mosier et 
al. 2005). Chemical hydrolysis can be carried out either using dilute acid hydrolysis (<1 % H2SO4, 215 ° C, 3 min with 50–70 % glucose yield) or concentrated acid (30–70 % H2SO4, 40 ° C, a few hours, > 80% glucose yield). Enzymatic hydrolysis can be performed using enzymes (cellulases and hemicellulases, ∼50 ° C, several days, 75–95 % glucose yield) or lignocelluolose-degrading microorganisms (Wu et al. 2010). Despite the fact that, under the same conditions, the yield of the fermentable sugars achieved by enzymatic hydrolysis was quantitatively better than those obtained by acid-catalysed hydrolysis (Balat 2011; Hashem, Ali & Abdel-Basset 2013), the high doses (due to low enzymes activity) and cost of enzymes required for the bioconversion of lignocellulosic biomass represents the major impediment in the enzymatic hydrolysis of these feedstocks (Hashem, Ali & Abdel-Basset 2013). The enzymes involved in the enzymatic hydrolysis of lignocellulosic materials into fermentable sugars are cellulases, hemicellulases and ligninases (Figure 1.4 and Table 1.4). A cooperative action of a battery of cellulolytic enzymes (three cellulases) is required to complete the bioconversion of cellulose into glucose. The cellulase enzymes are endo-1-4-β-glucanases or carboxymethylcellulases (EC 3.2.1.4), exoglucanases or cellobiohydrolases (EC 3.2.1.91) and β-glucosidases (EC 3.2.1.21) (Nigam 2013; Sukumaran, Singhania & Pandey 2005; Wu, Zhao & Gao 2007). Endoglucanases act on amorphous cellulose regions, attacking the glucose-polymer chain randomly, which release small chains consisting of more reducing and non-reducing ends. These reducing and non-reducing ends are exposed to the activity of cellobiohydrolases enzymes (CBHI attack the reducing ends and CBHII attack non-reducing ends), producing cellobiose. The 
third component of cellulase is β-glucosidases, which hydrolyses the cellobiose, producing glucose as the final product of cellulose bioconversion (Fig. 1.4 A)(Nigam 2013). In comparison to cellulose, hemicellulose (a heterogeneous polymer) is more heterogeneous than cellulose and therefore more enzymes are required to achieve the biodegradation of hemicellulose into pentoses, hexoses or uronic acids. For instance, endo-1, 4-β-xylanases or endoxylanases (EC 3.2.1.8), xylan 1, 4-β-xylan esterases, ferulic and p-coumaric esterases, α-1-arabinofuranosidases, α-glucuronidases (E.C.3.2.1.139), α-arabinofuranosidase (E.C.3.2.1.55), acetylxylan esterase (E.C.3.1.1.72), 
α-4-O-methyl glucuronosidases and xylan 1,4-β-xylosidases (E.C.3.2.1.37) are all required for the effective hydrolysis of hemicellulose (Fig. 1.4 B) (Juturu & Wu 2012; Saha 2003; Sanchez 2009). The structural complexity of lignin requires a cocktail of oxidizing enzymes working cooperatively in synergy with the hydrolytic enzymes to breakdown the physical barrier around the polysaccharides allowing the hydrolytic enzymes access to the substrates. The main enzymes involved in lignin biodegradation are lignin peroxidases, manganese peroxidases and laccases (Fig. 4 C) (Pérez et al. 2002). These enzymes have also been used in different applications such as bio-remediation, pollution control and in the treatment of industrial effluents containing recalcitrant and hazardous chemicals such as textile dyes 
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 including azo and anthraquinone dyes (Nigam 2013). Agricultural residues such as wheat straw and rice straw have been successfully used as the substrate for the production of cellulolytic, hemicellulolytic and ligninolytic degrading enzymes economically on large scale under submerged and solid state fermentation conditions (Nigam 2013).  
 Figure 1.4. Enzymes involved in the biodegradation of cellulose (A), hemicellulose (B) and lignin (C). (adapted from Ratanakhanokchai et al. (2013) and Moreno et al. (2014) (Moreno et al. 2014; Ratanakhanokchai et al. 2013).  
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 The global market of fermentation products increased to $ 22.4 billion by the end of 2013 and industrial enzyme applications have the second-largest share of the global market with about $ 4.9 billion annually (Fig. 1.5 A & B). The global production of industrial enzymes increased significantly from $ 2.09 billion in 2005, $ 3.3 in 2010  to about $4.9 billion in 2013 and is expected to increase in the future (growing at an annual rate of about 7.6 %) due to an increase in applications requiring enzymes for everyday activities (Binod et al. 2013; Mathew et al. 2008). The main regional supplies of industrial enzymes are Europe, USA and Japan; almost 75 % of industrial enzymes are hydrolases followed by carbohydrases, proteinases and lipases (Fig. 5 D) (Mathew et al. 2008). There are many economic, technical and environmental benefits of using enzymes in numerous applications in different sectors such as reducing manufacturing cost, producing less waste, reducing energy consumption, increasing product quality, enhancing reaction rates, environmentally favourable processing and the ease of controlling the enzyme reaction by applying the desired dose, temperature and time (Binod et al. 2013). For example; using enzymes in the textile industry (amylases to remove starch-based sizing agents) instead of traditional-chemical technology not only saved 70,000 ~ 90,000 litres of water for each tonne of textile produced but also increased the quality of the fabric and reduced the chemical waste discharged into the environment (Binod et al. 2013). Industrial enzymes are required in various areas of application including detergents and washing powders, the food and beverage industries, feedstuffs and animal nutrition, cosmetics and biopharmaceutical applications, pulp and paper industries, textile manufacturing, leather industry, bioenergy applications and other technical applications (Fig. 1.5 D) (Binod et al. 2013). It has been reported that the highest sales of technical enzymes occurred in the leather industry and bioethanol market, expected to reach $ 1.5 billion in 2015 (Binod et al. 2013).  Cellulase enzymes represent about 20 % of the total enzyme production and the third most important enzyme for industrial applications worldwide (Kuhad, Gupta & Singh 2011; Mathew et al. 2008; Nigam 2013). Cellulases are the most extensively studied enzymes according to publication analysis from 2002 to 2011 (Binod et al. 2013; Nigam 2013). Cellulases and hemicellulases make up 15 out of 70 identified glucosyl hydrolase families and both are globally required in different industrial applications including bakery, animal feed, brewery, wine, textile, laundry, pulp, paper, chemicals and for lignocellulosic bioconversion (Nigam 2013). Although the biotechnological applications of cellulases and hemicellulases began in the 1980s in animal feed and food applications, the current use of these enzymes has increased significantly to include other valuable and industrial applications (Mathew et al. 2008). In the bioenergy sector, using cellulases and hemicellulases avoids the use of strong acids resulting in an efficient cleaner stream of reducing sugars for fermentation to bioethanol (Binod et al. 2013; Mathew et al. 2008).  
1.10 The search for new lignocellulose-degrading micro-organisms In terms of lignocellulose degradation there is no single microbial isolate that has the capability to secrete an array of synergistic enzymes to convert lignocellulosic biomass components into fermentable sugars effectively (Wang et al. 2012). Therefore the search for novel and superior microbial isolates (from different habitats) with new saccharifying activities continues. At present, there are two main steps for 
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 the screening and isolation of microbial isolates which has the capability to breakdown LCW into monomeric sugars. The first step is qualitative assay through an agar-plate assay. The second step is a quantitative assay to validate and evaluate enzymes activity in the crude supernatant produced (Ball & McCarthy 1988; Brito-Cunha et al. 2013; Ibrahim & El-diwany 2007). Despite the fact that the quantitative assessment of the crude enzyme produced by a new microbial isolate is essential, it is rather tedious, has poor reproducibility and is time consuming. Additional disadvantages are well-reviewed by Dashtban et al. (2010) and others (Dashtban et al. 2010; Wu, Zhao & Gao 2007). The development of an accurate, rapid and efficient screening assay for hyper-producing lignocellulose-degrading microbial strains is urgently required because presently enzyme cost is estimated to be 50 % of the total enzymatic hydrolysis cost (Howard et al. 2004; Kasana et al. 2008). In order to achieve this goal there is great interest in developing an effective qualitatively and quantitatively reliable tool to screen the hydrolytic activities of different microbial isolates against different LCW (Kasana et al. 2008). Lignocellulolytic microorganisms that harbor a rich reservoir of as yet undiscovered lignocellulolytic enzymes and saccharifying enzyme complexes play an important role in recycling cellulose and hemicellulose (the most abundant carbohydrate biopolymers) produced by plants via photosynthesis in the environment. Isolation and screening of these microbial strains with specific characteristics is of immense importance for the improvement of the commercial production of biofuel (Kasana et al. 2008). The majority of microbial lignocellulolytic strains identified lack one or more type of hydrolases required for the complete and efficient bioconversion of cellulose and hemicellulose (Maki, Leung & Qin 2009). Despite the huge number of microbial isolates assessed for bioethanol production, only a few species (both aerobic and anaerobic) possess high levels of both cellulase and hemicellulase activity and even then, the synergism and saccharification mechanisms remain poorly understood. Maki and Qin  (2009) concluded that specific synergy between exoglucanases and endoglucanases is required for the complete and efficient saccharification of cellulose into cellobiose and cellodextrins which are inhibitory to their activity, requiring the presence of β-glucosidases acting synergistically to mineralize the final glycosidic bonds into glucose (Maki, Leung & Qin 2009). Consequently, to overcome the major bottlenecks in the cellulosic biofuel industry, there is a need to screen and identify new microbial isolates rapidly, with novel characteristics (Maki, Leung & Qin 2009). Moreover, screening, isolation and purification of lignocellulose-degrading microorganisms was previously limited to only culturable microorganisms. Metagenomic analyses represents a key feature of modern functional screening in order to identify novel hydrolytic genes from all species present (culturable and non-culturable) for the identification and exploitation of rare genes from unculturable microorganisms found in more extreme environments. In addition the development of microbial cultures using cell-free crude enzymes, individual isolates or co-cultures using new substrates (such as 2, 2’-benzothiazolyl phenyl cellooligosaccharides; BTPC) with long incubations (more than one month) are currently being investigated (Haitjema et al. 2014; Maki, Leung & Qin 2009; Stevenson et al. 2004). 
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 Table 1.4. Enzymes involved in the biodegradation of cellulose, hemicellulose and lignin, their E C number, effects and the main microbial producers. Adapted and modified from Sadhu and Maiti (2013) (Sadhu & Maiti 2013). 
 
 
Enzyme 
 
E. C. No. 
 
Remarks and effects 
 
 
Microbial strains 
 
References 
Cellulases Endo-1, 4-β-D-glucan glucanohydrolases  3.2.1.4 Active against amorphous cellulose generating oligosaccharides, new chain ends. Attacks regions of low crystallinity creating free chain-ends Active against crystalline substrate; Avicel, inactive against cellobiose or CMC Act on reducing or non-reducing ends liberating glucose or cellobiose Active against amorphous cellulose or CMC Active against cellodextrins and cellobiose  inactive against crystalline or amorphous cellulose Hydrolysis of terminal non-reducing ends releasing beta-D-glucose Active from the reducing ends, hydrolysis of glycosidic bonds   Active against reversible phosphorylytic bonds in cellodextrins Catalyses the reversible phosphorylytic cleavage of cellobiose into glucose Catalyses the cellobiose into D-glucosyl-D-mannose 
Ascomycetes; Trichoderma ressi and 
Trichoderma koningii Basidiomycetes; P. chrysosporium Brown-rot fungi; Fomitopsis palustris 
Bacillus licheniformis 
Bacillus sp., Bacillus subtilis 
Cellvibrio gilvus, Cellulomonas sp. 
Microbispora bispora 
  (Alvira, Ballesteros & Negro 2013; Ratanakhanokchai et 
al. 2013; Sadhu & Maiti 2013) 
1,4-β-D-glucancellobiohydrolases 3.2.1.91 1,4-β-D-oligoglucancellobiohydrolases 3.2.1.74 
β-D-glucoside glucohydrolases 3.2.1.21 Endo-1, 4-β-glucanases 3.2.1.176 
Orthophosphate α D-glucosyl transferase 2.4.1.49 Cellobiose phosphorylase 2.4.1.20 Cellobiose 2- epimerase 5.1.3.11 
Hemicellulases Xylan 1,4-beta-xylosidase Endo-1, 4-β-xylanase  Acetylxylan esterase 
α-L-arabinofuranosidase 
α-D-glucuronosidase 
α-D-galactosidase Feruloyl esterase 
 3.2.1.37 3.2.1.8 3.1.1.72  3.2.1.55 3.2.1.131 3.2.1.22 3.1.1.73 
 Hydrolysis of O-glucosyl bonds. 
Endohydrolysis of (1→4)-β-D-xylosidic linkages in xylans Catalyses the hydrolysis of acetyl groups (ester bonds) Hydrolysis of terminal non-reducing α-L-arabinofuranoside residues  
Hydrolysis of (1→2) between xylose and glucuronic acid  Hydrolysis of terminal, non-reducing α-D-galactose Catalyses the hydrolysis between ferulic group and esterified sugar (arabinose) 
 
Aspergillus niger and Hypocrea lixii 
Thermomyces lanuginosus 
Trichoderma longibrachiatum 
Bacillus amyloliquefaciens 
Bacillus pumilus 
Bacillus subtilis 
Aspergillus fumigatus 
   (Alvira, Ballesteros & Negro 2013; Aro, Pakula & Penttilä 2005; Ratanakhanokchai et 
al. 2013) 
Lignin-degrading   Basidiomycetes able to depolymerize lignin efficiently; lignin loss up to 97 % Better accessibility of hydrolytic enzymes to improve enzymatic hydrolysis  Peroxidase enzymes use H2O2 as a co-substrate  LiP play a central role in lignin biodegradation, MnP catalyses the oxidation of Mn(II) to Mn(III), VP shares catalytic properties with LiP and MnP Laccase utilize molecular oxygen to oxidize aromatic and non-aromatic  compounds by forming free radicals 
 
Pleurotus sp., Trametes versicolor 
C. unicolor, T. villosa, P.chrysosporium 
G. lucidum, M. thermophile 
T. hirsuta, P. sanguineus, T. pubescens 
Sclerotium sp., Phlebia radiata 
Panus tigrinus, Pleurotus ostreatus 
Bjerkandera adusta, Trametes trogii 
 Oxidative enzymatic system Peroxidases enzymes Lignin peroxidase Versatile peroxidase Manganese peroxidase Phenol oxidase; Laccase 
  1.11.1.14 1.11.1.16 1.11.1.13 1.10.3.2 
  (Alvira, Ballesteros & Negro 2013; Brijwani, Rigdon & Vadlani 2010; Huang 
et al. 2013; Moreno 
et al. 2014)   
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A 
C 
B 
D 
Proteases 
Carbohydrases 
Lipases 
Ligninases 
Pectinases 
Phytases 
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1.11 Technical obstacles involved in the third generation biofuels Algae represent promising feedstocks for the production of biofuels and for wastewater phyco-remediation. Unlike the 1st and 2nd generation of biofuels, algal biomass is the only substrate that has the capability to directly capture carbon dioxide and light from the atmosphere (as a carbon and energy sources) and convert them into different, sustainable bioenergies (biodiesel, bioethanol, bio-oil and animal feed) (Rawat et al. 2011; Zhou et al. 2012). There are also not the same economic and environmental limitations for culturing algal biomass that limit or conflict the 1st generation of biofuel. It is estimated that microalgal biomass could provide around 25 % of global energy requirements as an alternative source of sustainable bioenergy, in addition to providing a source of valuable chemicals, pharmaceuticals, feed and food additives and playing a major role in the phyco-remediation of wastewater (Rawat et al. 2011). Some microalgal species have the capacity to produce high levels of oil (30 – 50 %) under optimum conditions and based on this theoretical estimation, it has been suggested that 308,000 litres of oil could be produced per hectare annually at a cost per barrel of $ 15 compared to fossil oil which is more than $ 100 per barrel (Pimentel et al. 2008). Some microalgal species i.e. 
Borrtyococcus braunii has been shown to produce large amounts (under adverse environmental conditions, up to 80 % DW) of very long chain (C20–C40) hydrocarbons similar to those found in fossil fuel (petroleum) (Hu et al. 2008; Li, Liu & Liu 2014; Naik et al. 2010). Algenol (http://www.algenolbiofuels.com/) is a global, industrial biotechnology company that is commercializing its patented cyanobacteria technology platform for the production of ethanol and other biofuels). They announced that the estimated cost of algae-based ethanol would be $ 1 per gallon ($ 0.26 per litre), an acceptable consumer price for the algae-based fuel and very competitive compared to current fuel (fossil fuels and edible-based bioethanol) (Ziolkowska & Simon 2014). Microalgal cells (concentration; 0.3–5 g per l and cell size; 2–40 µm) are usually dispersed and suspended in their cultivation media and not easily settled by natural gravity due to their negative surface charges (Zhang & Hu 2012; Zhou et al. 2012). Consequently, one of the main constrains that has been described by many researchers which limits the large scale commercialization and the economic viability of sustainable algal biofuels (biodiesel, bioethanol and Bio-oil) is the harvesting and dewatering of small microalgal biomass from the cultivation broth (ponds or tanks culture), that subsequently makes this approach more complicated, costly and energy intensive (Hamawand, Yusaf & Hamawand 2014; Li, Liu & Liu 2014; Milledge & Heaven 2013; Pimentel et al. 2008; Salim et al. 2011; Zhang & Hu 2012). Harvesting and sequestering small microalgal biomass as well as nutrients supply and oil extraction were described as among the main challenges of the economic production of advanced biofuels from microalgae (Hamawand, Yusaf & Hamawand 2014; Milledge & Heaven 2013; Uduman et al. 2010). Microalgal biomass can be harvested using physical, chemical and biological approaches either individually or in combinations. In general microscreen filtration, centrifugation, flotation, gravitational sedimentation and flocculation are the most common harvesting methods (Hamawand, Yusaf & Hamawand 2014). However, all the currently available harvest methods (chemical and physical methods) 
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 have limitations for efficient harvesting of algal biomass for biofuel production, being only economically feasible for the production of high-value products (Zhang & Hu 2012). Therefore, an integrated harvesting approach such as bioflocculation is urgently required in order to minimize the energy consumption of harvesting microalgae commercially (Zhou et al. 2012). 
1.11.1 Bioflocculation The characterisation of lignocellulose-degrading microorganisms for a range of other biotechnological applications such as the harvesting of microalgae for biofuel production (bioflocculation) represents a relatively new area of research. The efficiency of bioflocculation is dependent on the characteristics of the microbial pellets (as bioflocculant) and the microalgal species.  Filamentous fungi are particularly well suited to this application as they readily perform self-pelletization under certain environmental conditions and generally have more advantages as a bioflocculant than bacterial biomass (Salim et al. 2011; Zhou et al. 2012). It also has been concluded by Zhang and Hu (2012) that the formation of fungal pellets (pelletization) is more widely seen in filamentous fungi compared with other microorganisms (bacteria) (Zhang & Hu 2012). This novel technique has significant advantages; the capability to harvesting algae successfully without addition of chemicals (flocculants), requirement for different culturing conditions, the harvested fungi-algae pellets can be re-used for municipal and animal wastewater treatment and the lipid content of some fungal species increases the final biodiesel production by around 30 % (Salim et al. 2011; Xia et al. 2011; Zhou et al. 2012). Therefore, fungi may assist the primary harvesting of microalgal biomass without any modifications making the harvesting cost significantly lower, thereby improving the chances of the commercially feasible of microalgal biofuel production. The first pioneer research published which reported on the development of a novel harvesting method using filamentous fungi for pelletization of microalgae  was published recently in 2012 by researchers at the University of Minnesota, USA (Zhang & Hu 2012). Another potential advantage for the co-culturing of microalgae with filamentous fungi is that once the microalgal biomass reaches the maximum concentration, just before the harvesting fungal pellets are added to the microalgal broth, algal cell production increases significantly. The reason might be due to the heterogeneous culturing system in which the fungal pelletization stimulates large amounts of microalgal cells to be symbiotically entrapped inside the fungal pellets and consequently the microalgal density decreases dramatically allowing the penetration of light to the media to start another growth cycle (Zhang & Hu 2012). It is well-known that the majority of microalgal cell surfaces have a negative charge on their cell wall from the ionization of ionogenic functional groups and adsorption of ions from the surroundings (Gultom & Hu 2013). The main role of the negative charge of the cell surface is to prevent the natural aggregation of suspended cells (Gultom & Hu 2013). Neutralization of microalgal’s surface charge can be biologically induced by applying positively charged microbial biomass (Gultom & Hu 2013). The co-pelletization mechanism between algae and fungi is very similar to the chemical flocculation process. The fungal hyphae act as biological flocculants or bio-coagulants that attracts the microalgal cell due to the attraction between the opposite charges on the fungal and algal cell wall (Gultom & Hu 2013). The attraction 
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 strength is dependent on the charge difference between the zeta-potential measurement of microalgae and fungal cells. In a study conducted by Rajab (2007), examining the removal of  microalgae from domestic wastewater using soft fungal pellets as a bio-coagulant, he showed that the potential charges 
between microalgae (negatively charged; −23.7 mV) and Aspergillus flavus (positively charged; +46.1 mV) might be the reason for the co-pelletization and bioflocculation process (Rajab 2007). The microalgal cells were therefore immobilized in the fungal pellets forming fungi–algal pellets, resulting in a completely (almost 100 %) clear co-culture broth, thereby offering effective and efficient microalgal biomass harvesting (Zhou et al. 2012). It has been suggested that the complex of fungi-algae co-pelletization could be harvested easily using a sieve and this aspect has the potential to significantly decrease the harvesting cost of the microalgal biomass for biofuels production (Zhang & Hu 2012). A recent study showed that primary harvesting of algae (Chlorella vulgaris UMN235) using the filamentous fungal strain (Aspergillus oryzae) resulted in almost 100 % harvesting efficiency of algal cells onto the fungal pellets with only a short retention time followed by simple filtration (due to its large size 2–5 mm) (Zhang & Hu 2012; Zhou et al. 2013). Bioflocculation using fungi for co-pelletization is therefore a promising technology for harvesting microalgae that can decrease the capital and operational costs commercially. Gultom and Hu (2013) concluded that fungal-microalgal pelletization dramatically improved the harvest process. “Pelletization” is determined by many factors (microbiological, physicochemical and cultivation conditions). Microbiological factors include nutrition, carbon : nitrogen ratio (C/N ratio), genetics, fungal species, cell wall composition, inoculum size and growth rate; physicochemical factors include pH, temperature and ionic strength (Gultom & Hu 2013). It has been observed by the research group at the University of Minnesota who developed methods to induce fungal pellet formation that not all the filamentous fungi can form pellets during their cell growth in the fungal fermentation process (Gultom & Hu 2013; Zhang & Hu 2012). Therefore, fungal isolates selected for the co-pelletization plays a fundamental role in determining the pelletization efficiency, which will also have a direct impact not only on the harvesting of microalgal cells and total yield of biofuels but also on the dual application of using algal-fungal pellets for the phytoremediation of wastewater.  
1.11.2 Remediation of wastewater  The increasing human population and urbanisation leads to serious environmental challenges due to the release of copious amounts of wastewaters (rich in organic compounds and inorganic chemicals) that need to be treated, recycled and re-used in non-edible applications (Bhatt et al. 2014). This type of wastewater can be re-used as biological resources for culturing new isolates of bacteria, fungi and microalgae cheaply, due to the abundance of carbon, nitrogen and phosphorus in wastewater. It has been estimated that about 3 billion tonnes of biodegradable domestic wastewater and industrial wastewater are generated annually from human activities and the majority of these wastewaters remained 
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 unexploited and discharged into aquatic environments without appropriate treatments (Bhatt et al. 2014).  The dual advantage in the 3rd generation of biofuels is that while the microalgae or the harvested fungi-algae complex removes excess nutrients and the extra contaminants from the wastewater, cheap production of sustainable biomass for biofuel production results (Bhatt et al. ; Rawat et al. 2011). A study conducted by Chinnasamy et al. (2010) confirmed this dual biotechnological application using a consortium of 15 different algal species for the phyco-remediation of domestic municipal wastewaters and also for culturing sustainable algal biomass for biodiesel production. They confirmed the efficiency of nutrient removal (96%) from the wastewater within a short cultivation period while the annual algal biomass production and the lipids content for biodiesel production reached 18 tonnes per hectare and 7% respectively (Bhatt et al. 2014; Chinnasamy et al. 2010; Rawat et al. 2011). 
1.12 Environmental pollution   The main man-made contaminants present in soil and ground water are heavy metals (industrial pollution), petroleum hydrocarbons (consumption of fossil fuels), pesticides and fertilizers (agricultural pollution) (Figure 1.6) (Conde-Mejía, Jiménez-Gutiérrez & El-Halwagi 2012; Moreno et al. 2014; Ratanakhanokchai et al. 2013).. The pollutants present in in these contaminated soil can  substantially reduce the natural biodegradation and bioremediation activities (such as nitrogen transformation, litter decomposition and carbon mineralization and enzyme activities; i.e. urease) of the macro and microorganisms present in the environment and therefore affect the cycling of carbon and nitrogen (Bååth 1989; Moldoveanu 2014).  
1.12.1 Organic waste pollution (synthetic dyes) Globally, the quantity of inorganic waste from industrial sectors in 2010 was estimated to be about 390 million tons (Chakrabarti 2014). These inorganic pollutants are associated with substantive risks and hazards to water resources, biodiversity and the environment due to the toxic and aesthetic impacts of these pollutants. Due to rapid worldwide industrialization and urbanization, synthetic dyes and pigments have been increasingly used in day-to-day activities including the textile, fabric, paper, printing, rubber, plastic, cosmetic, pharmaceutical and food industries due to their low cost, variety of colour, stability and ease of use (Aksu, Çağatay & Gönen 2007; Domínguez-Escribá & Porcar 2010). Currently, there are more than 100,000 commercially available dyes with over 7 x 105 tons of dyestuff produced annually which are used for industrial applications and which pose toxic, mutagenic or carcinogenic threats (Domínguez-Escribá & Porcar 2010; Gusakov 2011; Robinson et al. 2001). An enormous amount of water and chemicals are consumed during the dying process using the traditional wet process, generating large amounts of dye-wastewater (effluent), potentially causing human, environmental and ecological health concerns when discharged into the aqueous system prior to appropriate treatment (Chandrakant & Bisaria 1998). Benzina et al. (2013) reported that 100 litres of water was consumed to colour 1 Kg of textile materials using traditional textile finishing techniques (wet processes) (Benzina et al. 2013). In 
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 addition, about 50 % of synthetic dyes used for the dyeing and coloration process are lost into effluents released into the aquatic environment (Boonyakamol et al. 2009). The recovery and re-use of dyes from the effluent is therefore economically and environmentally beneficial. The characteristics of these dyes such as resistance to light, heat, degradation, microbial attack and oxidizing agents limit their degradability and sometimes the secondary degradation products are more toxic than the parent material (Chandrakant & Bisaria 1998; Maki et al. 2012). For example, the biodegradation of azo dyes using azoreductase enzymes (under anaerobic conditions) results in secondary amine groups which are more mutagenic and carcinogenic than the primary azo dyes (Maki et 
al. 2012). The impact and toxicity of synthetic dyes discharged in the environment is dependent on the nature of their chemical structure and their chemical stability. Azo (-N=N-) and anthraquinone dyes are the largest group of dyes used in textile industry due to their favourable characteristics of bright colour, inexpensive cost of synthesis, water-fastness, simple application techniques, cost effectiveness and low energy requirements especially for cotton, cellulose fibres, hydrophobic and synthetic materials (Gusakov 2011; Michelin & Maria de Lourdes 2013). A consequence of this is highly coloured dye effluents (1~ 200 mg l-1) which is discharged into running water without proper treatment (especially in the developing countries) leading to serious pollution of aquatic systems representing a major environmental threat (Figure 1.6) (Domínguez-Escribá & Porcar 2010). The presence of synthetic dyes not only contaminates the aquatic environment but may also pass through the entire food chain through the water cycle. Consequently, from both environmental and health perspectives, dye detoxification prior to the discharge of wastewater from dye industries is crucial and therefore regulations and governmental legislations regarding to the removal of dyes from industrial effluents are becoming more stringent. For example, in UK for the past 20 years Environmental Policy has stated that “zero synthetic chemicals should be released into the marine environment” due to their toxicity, mutagenicity and carcinogenicity properties (Chandrakant & Bisaria 1998).  
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 Figure 1.6. The illegal discharge of untreated dye effluents into small canals and rivers (running water) by the textile processing and tannery units flow in Erode, India without appropriate treatments. Published on February 23, 2013 in thehindubusinessline. http://www.thehindubusinessline.com/news/states. 
1.12.2 Removal of contaminants from polluted environments In general, there are four methods used for the removal, breakdown and clean up the contaminants from contaminated environmental sites (water, air and soil); physical (i.e. mechanical, adsorption washing and landfill), chemical (i.e. chemical extraction, volatilization, steam extraction and encapsulation), biological (bioadsorption, biosorption, biostimulation, bioaugmentation and natural attenuation) and thermo-chemical (thermal treatments, liquefaction and gasification) approaches (Naik et al. 2010). A summary of the advantages and disadvantages of each treatment are shown in Table 1.5. The main disadvantages of physical, thermo-chemical and chemical treatments are high costs and the generation of the secondary products which in many cases are more toxic than the indigenous or primary contaminants (AdetutuBall, 
et al. 2012; Bento et al. 2005; Gül & Dönmez 2013; Naik et al. 2010; Riser-Roberts 1998).  
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 Table 1.5. Advantages and disadvantages of general methods used for the removal of contaminants from different environments. Adapted and modified from (Abioye 2011; Lim, Shukor & Wasoh 2014; Miranda et al. 2014; Perelo 2010; Sarkar et al. 2005). 
 
Methods 
 
 
Example 
 
 
Advantages and disadvantages 
 
 
References 
 
Physical Washing, flushing, excavation, dredging and air sparging Fast and mineralize contaminants permanently Contaminants may transfer to another medium Leave behind more toxic compounds than the parents compounds Not applicable in large scale and very expensive   
(Abioye 2011; Lim, Shukor & Wasoh 2014; Perelo 2010; Sarkar et al. 2005) 
 Mixing both contaminated and uncontaminated materials  
 Immobilization using cement or adsorption and filtration  
 Stabilisation, solidification, landfill and incineration  
Chemical Direct injection of chemical oxidants, acids or surfactants  Fast and ideal for high level and valuable contaminants Preferable for use in small scale due to high cost Chemical usage, chemical wastes and very expensive Not applicable in large scale Prone to secondary contamination   
 
 into contaminated soil and groundwater (Abioye 2011; Lim, Shukor & Wasoh 2014; Perelo 2010; Sarkar et al. 2005) 
 Extraction using solvent  
 Oxidation using oxidizing agents  
 Vapour extraction or injection vapour extraction   
    
Physio-
chemical 
Electrical resistance heating and radio-frequency heating Removing contaminants permanently Leave behind more toxic compounds than the parents compounds Generation of fugitive emissions may be a problem during operations Requires very expensive equipment  
 
 Coagulation or flocculation, immobilization and precipitations (Abioye 2011; Lim, Shukor & Wasoh 2014; Miranda et al. 2014) 
 Thermo-chemical; pyrolysis and thermo gravimetric  
   
    
Biological Bioremediation and natural attenuation Environmental friendly, aesthetically pleasing and cost effective Ideal for moderately hydrophobic compounds Easily implemented and maintained Costs 10 – 20 % of mechanical treatments Fewer air and water emissions and high public acceptance Slower than mechanical treatments and climate dependent 
(Abioye 2011; Lim, Shukor & Wasoh 2014; Perelo 2010; Sarkar et al. 2005) 
 Biostimulation and bioaugmentation  
 Phytoremediation, Phyco-remediation and  necrophytoremediation  
 Biosorption or bioflocculation Saccharification and biodegradation  
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 Effective treatment technologies have significant environmental importance.  Biological treatment , which involves exploiting living and non-living microbial biomass (pellets) or their metabolites (enzymes; laccase, lignin peroxidase and manganese peroxidase) for dye decolourization is an attractive, cost effective and environmentally friendly option (Chakraborty et al. 2013; Forgacs, Cserhati & Oros 2004). Biosorption is a well-known biological process which is defined as the accumulation of pollutants including dyes from effluents or aqueous solutions using biological material (living or dead) as biosorbents (Jørgensen, Kristensen & Felby 2007). Biosorption by living microbial biomass can be classified into two different mechanisms; metabolism dependent (biodegradation; the microbial candidates produce lignin-modifying enzymes such as lignin peroxidase, Mn-peroxidase, azoreductase and laccase) and metabolism-independent mechanism (relying on physico-chemical interactions; biosorption) (Dashtban, Schraft & Qin 2009; Gusakov 2011). There are some limitations in the biodegradation process (metabolism dependent). In many cases, the secondary degradation products of these pollutants have been shown to be more toxic (Aksu, Çağatay & 
Gönen 2007; Robinson et al. 2001). Moreover, some dye structures can act as a substrate for one of the lignin modifying enzymes while other dyes cannot. For example, Srinivasan and Viraraghavan (2010) reported that the anthraquinone dye structure was acting as a laccase (from T. versicolor) substrate while azo and indigo dyes were not substrates for laccase (Dashtban, Schraft & Qin 2009; Srinivasan & Viraraghavan 2010). The main advantages of the metabolism-independent mechanism (biosorption using microbial pellets) is cost effectiveness, good removal performance (can achieve 100 % dye removal) and the possibility for re-use (recycle) of both dyes and microbial biomass for many cycles at low-cost (Aksu & Karabayır 2008; Kaushik & Malik 2009).  Inactivated biomass (dead microbial biomass) as biosorbents may be more advantageous. The dye decolorization efficiency using inactivated microbial biomass depends on three variable factors; environmental factors (pH, temperature, ionic strength, agitation speed), the chemical characteristic of pollutants or dye structures (dye concentration, particles size, ionic charge and dye types) and the specific surfaces properties (functional groups such as chitosan, carboxyl, amino, phosphate groups and lipid fractions present in the microbial biomass) of the microbial inactivated biomass (bacteria, fungi and algae) (Gusakov 2011). Therefore, specific dyes may be preferentially removed due to the presence of certain functional groups on the binding sites of the microbial biomass (Dashtban, Schraft & Qin 2009). In addition, inactivated biosorbents do not require a continuous supply of nutrients, are not affected by toxic wastes, can be used at high temperature, dye concentration and can be re-generated and re-used for many cycles leading to cost savings (Aksu & Karabayır 2008; Kaushik & Malik 2009). After use the final microbial biosorbents-dyes complex could be processed for biofuel production (pyrolysis and thermochemical liquefaction; bio-oil) which therefore adds extra value to the biosorption technique (Jørgensen, Kristensen & Felby 2007).  
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1.12.3 Organisms involved in biological treatment of textile dye effluent There are many bio-tools involved in environmental biotechnological approaches, offering a variety of eco-friendly solutions; fungi, bacteria, algae and plant-residues are the most common tools which are being used successfully in these approaches. Fungi perhaps are a more desirable candidate than bacteria for their cultivation abilities on inexpensive growth media as well as for their high (biomass) growth, pelletization ability and metabolite activities and for mechanisms which depend on the characteristic properties of the fungal cell wall (i.e. adsorption, ion-exchange, coordination, complexation-chelation and micro and macro-precipitation) (Gül & Dönmez 2013). These mechanisms are not only involved in the biodegradation and bioadsorption but are also involved in other processes including biosorption (physico-chemical interactions such as adsorption, deposition and ion-exchange) (Gül & Dönmez 2013). Fungi and their metabolites (enzymes) are therefore important in many biodegradation processes involving bioremediation (Arvizu 2008; Gül & Dönmez 2013; Harun et al. 2014; ShiLin et al. 2011).  The main sources of enzymes used for biodegradation are microorganisms such as bacteria, actinobacteria and fungi (Gusakov 2011). However, bacterial enzymes have been reported to be more effective than those from other microorganisms in terms of ease of culturing, potential for accelerated production and development of expression systems (Maki et al. 2012; Pandey et al. 2013; Tuomela et al. 2000). Bacterial isolates also show more adaptation and flexibility to different environmental stresses and harsh conditions (such as oxygen limitation, temperature variations, salinity and change in pH) than fungi (Maki et al. 2012; Pandey et al. 2013). However, the isolation, screening and purification of a novel microbial isolate that has the capability to achieve the desired target and acting as an effective tool is a great challenge because between 90 ~ 99 % of indigenous microorganisms present in different microbial communities are unculturable and ~ 1 % of the total microbial community can be classified as culturable (Aleer et al. 2011; Arvizu 2008). Therefore there is an urgent need for a fast and reliable screening tool for the isolation of novel microbes from indigenous microbial communities. 
1.13 Reconnecting biofuel production (2nd and 3rd generations) and decontamination of the 
environment Although the two key questions addressed earlier appear distinct, in fact the biological natures of their potential solutions are inextricably linked. Microbial isolates as well as their biomass and metabolic pathways involved in both lignocellulose degradation and decontamination of environmental pollutants (textile effluents) are linked (Sharma et al. 2013). However, to achieve the biological and commercial application of the two aspects addressed above (I and II), there is a need for the isolation of new lignocellulose-degrading   isolates and assessment and evaluation of their environmental biotechnological potential, either as an agent in straw saccharification, harvesting of microalgal biomass or the biological treatment of textile wastewater. Isolation and purification of new microbial isolates or unique microbial consortia with special commercial characteristic has been identified as the main challenges in the deployment of the second and third generation biofuel technologies as well as the bio-treatment of industrial wastewater without economic and environmental impacts. 
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 Enzyme cross-specificity is a term that refers to a special characteristic of an enzyme that has activity on a number of different substrates such as some cellulase and lignin-degrading enzymes. For instance cellulase from Trichoderma viride has a significant saccharolytic activity against both xylan and carboxymethycellulose (Van Dyk & Pletschke 2012). Ligninolytic enzymes due to their nonspecific nature have been reported to play a fundamental role in environmental management and have been employed in a variety of potential applications including the biodelignification of lignocellulosic materials and decontamination of industrial pollutants (dye effluents). Lignin-degrading enzymes; laccase, lignin peroxidase and manganese peroxidase all have potential applications in cellulosic ethanol production and the biodegradation of dye-effluents. Lignin-degrading enzymes are present and widely distributed mainly in fungi, some higher plants, insects and a few bacteria. The main fungal groups harbouring these enzymes are white-rot fungi (WRF), soft-rot fungi; Deuteromycetes, Ascomycetes, Basidiomycetes and Actinomycetes. Lignin degrading enzymes, due to their heterogeneity and a variety of different covalent bonds; carbon-carbon, aryl-aryl and aryl-ether bonds are capable of attacking a range of  phenolic and aromatic structures (Sharma et al. 2013).   Synthetic dyestuffs and chromophoric compounds (mainly anthraquinone, phthalocyanine and azo dyes) are rapidly used in a variety of day-to-day activities including textile dyeing, food, pharmaceutical, cosmetics, paper, printing and plastic industries and therefore ligninolytic enzymes are extensively required for the complete dye decolorization (bio-bleaching or dye removal) or biodegradation process of toxic and carcinogenic dye-effluents waste. The contribution of lignocellulose degrading enzymes to dye biodegradation is varies for each fungus; LiP is the main ligninolytic enzymes that is responsible for the dye decolourization in P. chrysosporium, MnP is responsible for dye decolourization in Lentinus edodes while Lac is the major extracellular of ligninolytic enzymes which responsible for anthraquinone, azo and indigo dyes decolourization by 
Trametes versicolor and Cyathus bulleri (Boer et al. 2004; Forgacs, Cserhati & Oros 2004; Fu & Viraraghavan 2001). The capacity of these enzymes in oxidizing diverse substances including aromatic and nonaromatic compounds as well as lignin removal makes them an important bio-tool for biodegradation and removal of toxic waste from the environment. Fungal laccases are stable monomeric inducible extracellular glycoproteins, and have been identified as being of significant biotechnological potential. Maciel & Ribeiro (2010) described the potential biotechnological applications of laccase, as well as lignin peroxidase and manganese peroxidase in the food industry, pulp and paper industry, textile industry, green bioremediation and biodegradation of synthetic dyes as well as lignocellulosic material, organic synthesis, medical, pharmaceutical, cosmetics and nanotechnology applications (Maciel & Ribeiro 2010).   Selvam & Chae (2003) compared the efficacy of using extracellular ligninolytic enzymes (laccase at 15 U ml-1) from Thelephora sp (metabolism-dependent mechanism) and fungal hyphae for physical biosorption (metabolism-independent mechanism) and they concluded that mycelia of Thelephora sp potentially removed 61 % of the azo dyes compared to 15 % removal by the enzyme (Selvam, Swaminathan & Chae 
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 2003). Microbial biomass (active, dead or their derivatives as bioadsorbent) may therefore be more advantageous than their enzymes in the application of dye-containing effluents especially on large scale when environmental conditions (pH, dye content, temperature, etc.) are not favourable (un-controllable) and contained toxic and inhibitors molecules (Selvam, Swaminathan & Chae 2003). Microbial cell-walls, (especially fungi) display excellent binding sites (involves specific chemical sites) due to the functional groups including chitin-chitosan molecules, amines, lipids, fatty acids, carboxyl, thiol groups and a variety of chemical groups such as phosphate and carbonyl groups which can bio accumulate different molecules including dyes, heavy metals and microalgal biomass (Aksu & Karabayır 2008; Fu & Viraraghavan 2001; Maurya et al. 2006; Zhou et al. 2012; Zhou et al. 2013). There are also several fungal species that have the capability to mineralize and biosorb a wide range of dyes from dye-effluents such as Aspergillus sp and Rhizopus sp; activated fungal biomass can biodegrade dye-effluent using enzymes or biosorb (mycelia) dyes while inactivated fungal biomass (dead) has the capability to biosorb only (Fu & Viraraghavan 2001). Although WRF (and their metabolites) are well-known in the biological pre-treatment of lignocellulosic biomass as well as in the biodegradation of synthetic dye, they have major environmental significance in the biodegradation of ubiquitous environmental pollutants such as polycyclic-aromatic hydrocarbon (PAHs), trinitrotoluene (TNT), bioremediation of contaminated sites (pesticides and halogenated hydrocarbons), biodegradation of medical waste (including polynuclear-aromatic hydrocarbons), degradation of waste generated from the rubber industry (including microbial desulfurization and devulcanization), biopulping and biobleaching (Sharma et al. 2013).   
1.14 Objective of the project The overall aim of this research was to investigate the using of environmental biotechnology approaches for solving the two major contemporary issues facing our society today (sustainable bio-energy and clean the environment) and assess the commercial potential of lignocellulose-degrading microorganisms (bacteria, fungi and microalgae) for other potential applications. This was achieved through the following specific aims: I. Isolation of lignocellulose-degrading bacteria followed by the development of an efficient methodology for the rapid screening of lignocellulose degrading bacteria on different carbon sources including cellulose, xylan, lignin and four different ball-milled straws (wheat, rice, sugarcane and pea straw). II. Isolation of lignocellulose-degrading microorganisms (bacteria and fungi) and assessment of their ability (individual and in combination) to enhance saccharification of four different straws. III. Screening and evaluation of the ability of lignocellulose-degrading fungi to assist in microalgal harvesting by bioflocculation for biofuel production and wastewater treatment. IV. Screening and evaluating the ability of lignocellulose-degrading fungi to degrade dye mixtures (azo and anthraquinone) at elevated temperature and concentration. 
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 The thesis is structured in 7 main chapters. In this chapter (1), information is provided regarding background relating to the main aims of the research. Chapter 2 provides the general materials and methods which were used throughout this project; each results chapter contains a section detailing specific methods. Chapter 3 presents the isolation and identification of different lignocelluolose-degrading microorganisms (mainly bacteria) and the correlation results of using Biolog (MT2) microplate as a tool for the rapid screening of different lignocellulose degrading bacteria compared with the traditional assays. Chapter 4 presents results from the isolation and identification of different lignocelluolose-degrading microorganisms (bacteria and fungi) and assessment of their ability for straw saccharification, using four different lignocellulosic substrates. In chapter 5, the potential biotechnological application of using lignocelluolose-degrading fungi for microalgal bioflocculation and wastewater treatment was assessed. In chapter 6, the screening of lignocellulose degrading fungi for their ability for dyes decolourization using a mixture of azo and anthraquinone dyes was assessed. A general discussion and future work are provided in chapter 7 following by chapter 8 which contains full references of all the work cited.                 
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General Materials and Methods 
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2.0 Materials and Methods 
2.1 Chemicals, dyes and media All chemicals, dyes and media of analytical grade used in this study were purchased from Sigma–Aldrich Chemical Company (NSW, Australia) and Oxoid Ltd (Basingstoke, Hampshire, U.K.) unless otherwise mentioned in the text. 
2.2 Samples collection 
2.2.1 Sources of microorganisms  Compost (EZI-WET, Melbourne, Australia), straws and soil (from farms around the old straw piles) were collected from Australia (Adelaide and Melbourne) as a rich source of microorganisms (bacteria and fungi). These samples were kept in zip lock plastic bags and stored at -20 °C for further investigation. Locations: Flinders University (Adelaide, Australia, GPS position: 35°01’28.02’’S, 138°34’16.82”E) and RMIT University Bundoora campus (Melbourne, Australia, GPS position: 37°40’37.20”S 145°04’19.52”E). The sites selected allowed sampling with no specific permission required. 
2.2.2 Preparation of lignocellulosic straws (LCS) Four different lignocellulosic straws (wheat, rice, sugarcane and pea straws) were also collected from an Australian market (Adelaide, South Australia) and used as lignocellulosic substrates for microbial isolation, crude enzymes induction and as different carbon sources for Biolog MT2 microplate experiments. These straws were pre-treated physically; the four different straws were initially cut into small pieces (10 cm), washed with sterilized water and air-dried. All straws were subjected to primary grinding using a coffee bean grinder (Breville, Australia) and milled to a fine powder (size 1 mm) using a ball-mill (Retsch Mixer Mill MM 200, Germany) for 2 min at 30 rev s -1. An aliquot (1 g) of each straw was mixed together to perform different serial dilutions (from 10-1 to 10-6) for microbial isolation from straws. The rest of dried ball-milled straws were sterilised at 121 °C for 15 min and kept at 4 °C for further investigation. 
2.3 Bacterial, fungal and algal isolation/collection Selective media (BH medium) was used for bacterial and fungal isolations using different carbon sources as a substrate. Samples (compost, soils and unsterilized straws) were serially diluted (10-1 to 10-6) using phosphate buffer saline (0.1 M) under sterile conditions and then 150 µl of each dilution was spread onto BH agar plates. These plates were incubated for 6 days at 30 °C and 55 °C for mesophilic and thermophilic microbial (bacterial and fungal) growth respectively. For fungal isolations, antibiotic solution containing 0.015 g l-1 of tetracycline (dissolved in sterilized Milli-Q water, filtered through a sterile 0.22 µm filter) was added to the media containing agar just before pouring the plates to prevent contamination with 
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 bacterial growth (Makadia et al. 2011). Microalgal species listed in Table 2.1 were obtained from a Culture Collection of Algae at the University of Texas at Austin (UTEX). Table 2.1 Different microalgal species and their respective growth media and temperature used for bioflocculation studies.  Algal species   Temperature (°C) Algal Growth Media  
Chlorella vulgaris 
    The optimum temperature                for culturing these                     microalgae is at room temperature          (25 ~ 28 °C) unless mentioned in the text. 
Keating 
Chlamydomonas reinhardtii strain 124 TAP 
Tetraselmis chuii F2 
Nannochloropsis salina F2 
Chlorella protothecoides TAP plus 3% glucose 
Nannochloropsis oculata F2 
Dunaliella salina F2 
Tetraselmis suecica F2 
Synechocystis sp. PCC6803 BG-11 
Dunaliella tertiolecta F2 
Pseudokirchneriella subcapitatus Keating 
Anabaena circinalis BG-11  
2.4 Growth media 
2.4.1 Bushnell and Haas (BH) medium Bushnell Haas (BH) mineral salts medium containing 0.2 g l−1 MgSO4-7H2O, 0.02 g l−1 CaCl2-2H2O, 1.0 g l−1 KH2PO4, 1.0 g l−1 (NH4)2HPO4, 1.0 g l−1 (NH4)2SO4, 0.05 g l−1 FeCl3-6H2O; pH 7.0 was prepared as a selective media without carbon sources and sterilised at 121 °C for 15 min (Bushnell, L & Haas, H 1941). This medium was amended with ball-milled straw (0.5% w/v; individually or mixed of wheat, rice, sugarcane and pea straw) or commercially available carboxymethycellulose (CMC) or xylan (0.05% w/v) as sole carbon source either in liquid (flask-based) or solid based (agar plates) media. This medium (flask-based) was used for the induction of the crude enzymes production (submerged-mode) using four different ball-milled straws as a sole carbon source individually. The agar-based plates were also used for screening, isolation and purification of lignocelluolose-degrading microorganisms (on agar plates) using an equal mix of the four different straws as sole carbon source.   
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2.4.2 Potato Dextrose Agar (PDA) and Potato Dextrose Broth (PDB) (Fungal growth) For both Potato Dextrose Agar (PDA) and Potato Dextrose Broth (PDB); 39 g l-1 and 24 g l-1 respectively were dissolved in 1 l of MilliQ-water and autoclaved for 15 min at 121 °C. 
2.4.3 Nutrient Agar (NA) and Nutrient Broth (NB) (Bacterial growth) Nutrient Agar (NA) and Nutrient Broth (NB) (24 g l-1 and 13 g l-1) respectively were dissolved in 1 l MilliQ-water and autoclaved for 15 min at 121 °C. 
2.4.4 Enrichment Broth (EB) and Carbon Deficient Agar (CDA) Enrichment Broth (EB) was obtained by dissolving D-xylose (100 g l-1), yeast extract (1 g l-1), KH2PO4 (2.0 g l-1), MgSO4.7H2O (0.75 g l-1), Na2HPO4 (1 g l-1), CaCl2.2H2O (0.2 g l-1), FeCl3 (0.01 g l-1) and ZnCl2 (0.1 g l-1), pH 7.0 in 1 l of MilliQ-water and autoclaved for 15 min at 121 °C. Carbon deficient agar (CDA) was composed of the same medium (EB) without the addition of D-xylose but with  12-15 g l-1 Oxoid bacteriological agar No. 1 instead (ShiLin et al. 2011). 
2.4.5 Dye decolourization medium (flask and plate based medium) Dye decolourization medium (liquid) was prepared by dissolving  glucose (10 g), peptone (3 g), KH2PO4 (0.6 g), ZnSO4 (0.001 g), K2HPO4 (0.4 g), FeSO4 (0.005 g), MnSO4 (0.5 g) and MgSO4 (0.5 g) in 1 l MilliQ-water (Kumar et al. 2011). Oxoid bacteriological agar No. 1 (12-15 g l-1) was added to the dye decolourization medium in order to prepare the agar plate-based medium.  
2.4.6 Algal growth media Under mixotrophic and autotrophic conditions, microalgae were grown in constant light (200 µmol m-2 s-1), with shaking at 150 rpm and at 25 °C. Growth rates were analysed by (I) counting the cell numbers using a TC10™ Automated Cell Counter (BioRad) (II) measuring OD nm at specific wavelength (540 nm for C. protothecoides and 750 nm for T. suecica) and (III) by measuring the concentration of chlorophyll (A+B) using a POLAR star Omega Multi-Mode Microplate Reader with Fluorescent Polarization (BMG LABTECH). Total chlorophyll was extracted using ethanol and extinctions at 649, 665 and 750 nm were determined. Chlorophyll concentration was then calculated using the equation:  
Chl (μg ml-1) = [6.1x (E665– E750) + 20.04 (E649–E750)] K  where E is extinction at the corresponding wavelength; K is the dilution factor and 6.1 and 20.04 are extinction coefficients (Lichtenthaler 1987).  
2.4.6.1 Keating medium This medium was used for culturing Chlorella vulgaris and Pseudokirchneriella subcapitatus and was composed of three separate solutions (equal volumes of each were combined). The first solution contained  ethylenediaminetetraacetic acid disodium salt (EDTA) (5 mg l-1), boric acid (5.7 mg l-1), iron (III) chloride (1.2 mg l-1), manganese chloride (0.7 mg l-1), lithium chloride (0.6 mg l-1), rubidium chloride 
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 (0.1 mg l-1), strontium chloride (0.3 mg l-1), sodium bromide (0.06 mg l-1), sodium molybdate (0.1 mg l-1), copper chloride (0.067 mg l-1), zinc chloride (0.052 mg l-1), cobalt chloride (0.020 mg l-1), potassium iodide (0.006 mg l-1), selenium dioxide (0.014 mg l-1) and  ammonium metavanadate (0.011 mg l-1). The second solution contained glycine (buffer) (250 mg l-1), sodium nitrate (150 mg l-1), calcium chloride (38 mg l-1), magnesium sulphate (20 mg l-1), sodium silicate (145 mg l-1), potassium chloride (10 mg l-1), di-potassium phosphate (10 mg l-1) and mono-potassium phosphate (25 mg l-1). The third solution contained  
vitamin B12 (1 μg l-1), biotin (0.75 μg l-1) and  thiamine-HCl (75 μg l-1) (Keating 1985).  
2.4.6.2 Tap medium Tap medium was used for culturing Chlamydomonas reinhardtii and Chlorella protothecoides. This medium was prepared by adding 10 ml of each stock solution (solutions A, B and C) and 1 ml of Hunters stock before making the volume up to 1 l using MilliQ water and autoclaving for 15 min at 121 °C. Solution A was a Tris acetate stock solution made by dissolving Tris (hydroxymethyl) amino methane (242 g) in 600 ml of MilliQ water and then adjusting the pH to 7 using glacial acetic acid and then making it up to 1 l using MilliQ water. Solution B, phosphate buffer stock was prepared by dissolving potassium phosphate (10.8 g) and mono-potassium phosphate (5.6 g) per l. Solution C, a nutrient stock contained ammonium chloride (40 g l-1), magnesium sulphate (10 g l-1) and calcium chloride (5 g l-1). Hunter’s trace elements contained ethylenediaminetetraacetic acid (200 g l-1) disodium salt, zinc sulphate (220 g l-1), boric acid (57 g l-1), manganese chloride (101.2 g l-1), cobalt chloride (32.2 g l-1), copper sulphate (31.4 g l-1), ammonium molybdate (22 g l-1) and  iron sulphate (99.8 g l-1) (Gorman & Levine 1965).  
2.4.6.3 F2 (F/2) medium This media contained five different stock solutions prepared using MilliQ water. Sterile seawater was replaced with MilliQ-water in the final media preparation. This medium was sterilized by filtration through a sterile filter (0.22 µm). Stock one was prepared by dissolving sodium nitrate (150 g l-1). Stock two contained sodium molybdate (12.6 mg l-1), manganese chloride (360 mg l-1), cobalt sulphate (22 mg l-1), zinc sulphate (44 mg l-1) and copper sulphate (19.6 mg l-1). Stock three was prepared by dissolving ferric citrate (9 g) and citric acid (9 g) in 1 l of MilliQ-water. Stock four contained biotin (100 mg l-1) and vitamin B12 (100 mg l-1). Stock five was prepared by dissolving monosodium phosphate (11.3 g) in 1 l of MilliQ-water. Aliquots (0.5 ml) of each stock solution (five) were added into one l of sterile seawater followed by filtration (0.22 µm sterile filter). This medium was suitable for culturing different algae such as Tetraselmis chuii, Nannochloropsis salina, Nannochloropsis oculata, Dunaliella salina, Tetraselmis 
suecica and Dunaliella tertiolecta. This medium was slightly modified from the original (f) medium of Guillard and Ryther (1962) and it is most commonly prepared at half strength where it is designated as f/2 or f 2- CSIRO Modification (Guillard & Ryther 1962; Jeffrey & LeRoi 1997). 
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2.4.6.4 BG-11 medium This media was prepared by adding 10 ml from each separately prepared solution (nine different solutions) together with 1 ml of trace metals and made up to 1 l using MilliQ water. The solutions were sodium nitrate (150 g l-1), dipotassium phosphate (4 g l-1), magnesium sulphate (6 g l-1), calcium chloride (3.6 g l-1), citric acid (0.6 g l-1), ferric citrate (0.6 g l-1), ethylenediaminetetraacetic acid disodium salt (0.1 g l-1), sodium carbonate (2 g l-1) and TES (229.2 g l-1). The trace metal solution contained boric acid (2.86 g l-1), manganese chloride (1.81 g l-1), zinc sulphate (0.22 g l-1), sodium molybdate (0.39 g l-1), copper sulphate (0.079 g l-1) and cobalt chloride (49.4 mg l-1). This medium was suitable for culturing 
Synechocystis sp. and Anabaena circinalis (Stanier et al. 1971).  
2.5 Inoculation of growth media by bacteria, fungi and algae 
2.5.1 Microbial inoculation Pure fungal and bacterial isolates were maintained on sterile PDA or NA plates (Oxoid Ltd, Basingstoke, Hampshire, U.K.) for one month at 4 °C. Fungal and bacterial liquid cultures were prepared freshly by inoculation with three fungal plugs (1 cm2) cut from pure fungal plates or a full loop of each pure bacterial colony (using a sterile loop) into PDB (250 ml flasks) or NB (100 ml flasks) and incubated at either 30 °C (mesophiles) or 55 °C (thermophiles) for 2-6 days at 150 rpm respectively. Standardization of fungal and bacterial inocula used in this study was carried out as described in the next section (2.5.2) by Parshetti et 
al. (2007) and Kadali et al. (2012) respectively (Kadali et al. 2012; Parshetti et al. 2007). Algal species were inoculated into their respective media and kept under light and shaking conditions at room temperature for 3-5 d until they reached the desired OD value at 750 nm. 
2.5.2 Standardization of microbial inoculum  All pure bacterial isolates (30 strains) were cultured in NB (100 ml) for 48 h at 30 °C and 55 °C for mesophiles and thermophiles respectively with shaking on a rotary shaker (Ratek Instruments, Australia) at 150 rpm. Optical Density (OD 600) of bacterial cultures were normalized (Pharmacia LKB Ultrospec II Spectrophotometer, CT, USA) to attain an absorbance of 0.9 and harvested by centrifugation at 4700 rpm for 10 min at 4 °C. The bacterial pellets were washed three times aseptically (using sterilized water) to remove all the nutrients and resuspended in sterilized water to get the optimum concentration (0.900 at 600 nm) that was used for the traditional crude enzyme assay and Biolog (MT2) microplate methods (Kadali et al. 2012). Adjustment was made when necessary by the addition of bacterial colonies or sterilized water. Fungal inoculums (18 isolates) were normalized according to fungal biomass based on dry weight. The fungal application rate used in this study was 0.7 g l-1 (dry weight) for the induction of crude enzymes using BH-straws media, dye-decolourizing medium and for algal bioflocculation studies (Parshetti et al. 2007). Microalgal cell number, OD540 and OD750 and chlorophyll concentrations were analysed at time 0 and 24 h. The algal concentration of different species was normalized according to the algal biomass at the optimum related wavelength. 
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2.6 Screening, isolation and purification of lignocellulose-degrading microorganisms Lignocellulose-degrading microorganisms (bacteria and fungi) were isolated from compost, soils and straws by selective enrichment medium using a mineral salts medium (BH medium) supplemented with 0.5 % (w/v) of an equal mix of ball-milled straws (wheat, rice, sugarcane and pea straw) as the sole carbon and energy source (Fig. 2.1) (Bushnell, LD & Haas, HF 1941). The collected samples (compost, soils and straws) were serially diluted (10-1 to 10-6) using phosphate buffer saline (0.1 M) under sterile conditions. An aliquot (150 µl) of each dilution was spread onto BH straw-agar plates (amended with 0.5 % ball-milled straws). These plates were incubated for 6 days at 30 °C and 55 °C for mesophilic and thermophilic microbial growth respectively. For fungal isolations, antibiotic solution containing 0.015 g l-1 of tetracycline (dissolved in sterilized Milli-Q water and filtered through a sterile 0.22 µm filter) was added to the media containing agar just before pouring the plates to prevent contamination with bacterial growth (Makadia et al. 2011).   Bacterial colonies and fungal isolates were purified by repeated sub-culturing before being re-cultured onto BH straw-agar plates to revalidate their abilities to utilise straw as the sole carbon and energy source. Pure bacterial colonies were purified after being streaked on nutrient agar plates and incubated at the desired temperatures. Fungal strains were re-cultured by transferring a fungal agar plug (1 cm2) from individual pure fungal isolates using a sterile disposable scalpel (Livingstone International Pty., Ltd, NSW, Australia) onto PDA containing 0.015 g l-1 of tetracycline. The purified fungal isolates were then cultured on PDB. All pure bacterial isolates and fungal species after growing on their liquid media were then stored in 20% (v/v) glycerol/nutrient broth at– 80 °C for further investigation (Ball & McCarthy 1988; Kalyani et al. 2013).           
 
A B 
Figure 2.1. BH-straws agar plates (supplemented with 0.5 % of an equal mix of four different ball-milled straws; wheat, rice, sugarcane and pea straw as the sole carbon and energy source). A is a BH-straws agar plate for bacterial isolations while B is a BH-straws agar plate containing antibiotic for fungal isolations. 
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2.6.1 Further qualitative screening of pure microbial isolates for cellulase and xylanase activities  Further qualitative screening for cellulases and xylanases (agar-based plates) were carried out using BH medium supplemented with cellulose or xylan (Sigma-Aldrich Company, Australia) as the sole carbon source. Oxoid bacteriological agar No. 1 (12-15 g l-1) was added for agar plate formation. All pure microbial strains isolated from BH medium (60 bacterial isolates and 50 fungal isolates) were screened for cellulase and xylanase activities on BH medium (pH 6.8) supplemented with cellulose or xylan (0.5 %). The plates were incubated for 4-6 days at the desired temperatures. To visualize the hydrolysis zone, the plates were stained with Congo red (0.1 %) for 30 min and then destained with NaCl (1 M). The diameter of the clear halo around the bacterial colony and the fungal plug were measured (Pandey et al. 2013). The bacterial and fungal strains that had the highest clear-zone (as an indicator for cellulase and xylanase production) were selected for quantitative screening using traditional crude enzyme production (cellulase, xylanase and strawase) and another (rapid) quantitative screening method (Biolog MT2 microplate) after normalizing the microbial inoculums. 
2.6.2 Alternative screening technique An effective microplate method (Biolog-MT2) was modified and developed for the fast, quantitative screening of native lignocelluolosic degrading microorganisms using three commercially available substrates (cellulose, xylan and lignin) and four native lignocellulosic straw suspensions (wheat, rice, sugarcane and pea straw) as sole carbon source. Correlation studies between the conventional assays and the Biolog (MT2) microplates were carried out to validate the approach as an alternative tool for the rapid screening of lignocellulosic degrading microorganisms against different lignocellulosic substrates in a microplate. The general method of the Biolog MT2 microplate is described in detail in section (2.6.4). 
2.6.3 Traditional screening of microbial isolates by evaluation of their crude enzymes production The microbial growth of individual or a combination (for synergy studies) of selected microbial strains (30 bacterial isolates and 15 fungal strains) for the induction of crude lignocellulolytic enzymes were carried out in Erlenmeyer flasks (150 ml) containing BH medium (100 ml) supplemented with individual ball-milled straw (0.5 % of wheat, rice, sugarcane and pea straw) as the sole carbon and energy source for the induction of different lignocellulolytic enzymes. The flasks were inoculated with the desired inoculum (3 ml) of each bacterial strain (optimum concentration 0.900 at 600 nm) or 0.7 g l-1 dry weight of fungal isolate or an equal combination of different microbial isolates with appropriate controls (without inoculum). All flasks were incubated in triplicate (at either 30 °C or 55 °C) on a rotary shaker at 150 rpm for 12 days. Samples (5 ml) were collected periodically (0, 3, 6, 9 and 12 d), centrifuged at 4700 rpm for 20 min at 4 °C and the supernatant (crude enzyme) filtered through a sterile 0.22 µm filter. The crude enzyme supernatant were kept at 4 °C for (hydrolytic) lignocellulase enzyme assays (cellulase, xylanase and strawase) for further investigations of the synergism between the individual isolate and the different microbial combinations (Soni et al. 2010). 
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2.6.4 Biolog (MT2) quantitatively microplate screening Biolog (MT2) microplates were used to evaluate microorganisms or their metabolites (e.g. crude cell free extracts) to utilize different carbon sources quantitatively. MT2 microplates can give a rapid screening of the ability of a microorganism or the crude enzyme from each microbial isolate to utilize a range of different carbon sources (Stefanowicz 2006). The principal technique of Biolog (MT2) microplates is a redox system and the characteristic pattern of forming a purple violet colour called a metabolic fingerprint (Figure 2.2). Traditionally the Biolog (MT2) microplate (Biolog, Inc., Hayward CA, USA) was a 96 well that was used for quantitative evaluation and identification of different microbial species through assessment of the individual isolate to utilise a range of different carbon substrates (Kadali et al. 2012). Each well contains a buffered nutrient medium (i.e. N, S and P except carbon source) and an equal concentration of tetrazolium violet dye which is sensitive to carbon source oxidation and microbial respiration (Kadali et al. 2012; Taha et al. 2014). In this methodology, the carbon source substrates were modified and contained a sterilised slurry suspension (1 % w/v) of different carbon sources as a substrate, such as cellulose, xylan, lignin, wheat straw, rice straw, sugarcane straw and pea straw. Aliquots of the suspension (40 µl) were loaded into the Biolog (MT2) microplate in triplicate. The slurry was kept stirring while pipetting into the 96 well microplates to ensure the homogeneity of each substrate suspension. The wells (replicated three times) were then inoculated with the normalized resuspended bacterial pellet and fungal spore suspension (150 µl). Appropriate controls were set up for each isolate by loading the inocula (150 µl) into wells without any carbon source and loading (40 µl) sterilized water instead of the carbon source. Biolog microplates were incubated at 28 °C in the dark for 7 d. The colour change (from colourless to purple) was monitored every 2 h using a microtitre plate reader (iMark, Bio-Rad, USA) over the first day, then every 6 h for the second day (if required) and every 24 h from then until the end of the experiment (Figure 2.2). The final optical density used was determined by subtraction of the recorded OD595 from the test of the initial readings and any increased absorbance found in the control wells (Kadali et al. 2012; Taha et al. 2014).         
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                 Figure 2.2. The principal technique of Biolog (MT2) microplate (metabolic fingerprint). (From http://www.biolog.com/). 
2.7. Screening the capability of lignocellulose-degrading fungi for dye decolourization 
2.7.1 Screening, isolation and purification of dye decolourizing fungi The fungal isolates (30) used in this study were isolated from compost piles, soils and straws at 30 °C (for mesophiles) and 55 °C (for thermophiles) using Bushnell Hass (BH) medium as described by (Kalyani et 
al. 2013). Thirty fungal isolates were selected (based upon growth morphological differences on PDA) for further screening using dye decolourization medium. Phanerochaete chrysosporium was kindly provided by Professor David Catcheside (Flinders University, Adelaide, South Australia) and was used for comparison studies.  
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2.7.2 Screening the capability of lignocellulose-degrading fungi for dye decolourization  Dye decolourization medium was used to evaluate the abilities of different fungal isolates (isolated earlier in this study) to decolourize either individual dyes or dye mixtures at different concentrations (100, 500 and 1000 mg l-1) and at different temperatures (30, 45 and 55 °C). The liquid dye decolourization medium (without agar) was used for the assessment of fungal dye decolourization against three commercial azo dyes (Azure B, Congo Red and Trypan Blue) and one anthraquinone dye (Remazol Brilliant Blue R - RBBR). Plate based screening (including 12-15 g l-1 Oxoid bacteriological agar) was used for the qualitative screening of the thirty fungal isolates. This involved the addition of dye mixture at 100 mg l -1. For ease of investigation, the medium was amended with a dye mixture solution (100 mg l-1) containing equal concentrations (25 mg l-1) of the four dyes. Replicate plates were inoculated with fungal culture agar plugs (1 cm2) incubated for 7 d at 30 °C and observed daily for the formation of a “clear zone” (validation of dye decolourization abilities). Isolates (nine strains) that created high clear zones on the plates were subject to further quantitative screening in dye amended liquid decolourization media. Broth based screening experiments were carried out in replicate conical flasks (150 ml) containing sterile dye decolourization medium (100 ml) amended with the desired individual dye (four different dyes) to achieve a concentration of 100 mg l-1. Each flask containing the target dye was inoculated with nine different reactivated fungi (0.7 g l-1 dry weight) and incubated for 5 d at 30 °C on an orbital shaker at 150 rpm. Control flasks were set up without the addition of fungal inoculum. A set of flasks were inoculated with Phanerochaete chrysosporium for comparative purposes. Samples (2 ml) were taken on days 0, 1, 2, 3, 4 and 5 for the measurement of dye decolourization. 
2.7.3 Optimization of fungal pellet formation (to form ball-shaped pellets) This experiment was carried out using different media, different flask sizes (100 ml and 250 ml) and different shaking speeds to examine the best conditions for the nine different fungal species to induce fungal ball-pellet formation. Three different media were tested for the production of fungal (ball-shaped) pellet formation. These were PDB, EB and dye decolourization broth (Kumar et al. 2011). Different fungi (mesophilic and thermophilic) were selected for the optimization of fungal pellet formation experiment (including strains L4 or 8 (Aspergillus fumigatus; accession no: KC689327.1) and 18/19 (Thermomucor 
indicae-seudaticae; accession no: AF157165.1). An orbital shaker (Ratek, Australia) was used at different speed 100, 150 and 200 rpm at the desired temperatures in 100 ml and 250 ml flasks. 
2.7.4 Measurement of dye decolourization Dye decolourization was measured on a microplate reader (POLAR star omega, BMG LABTECH, Germany) at 648, 480, 595 and 607 nm for Azure B, Congo Red, RBBR and Trypan Blue (at 100 mg l-1) respectively. Samples were centrifuged at 5,000 rpm for 10 min and the supernatant used for spectrophotometric measurements. The absorbance readings obtained from these samples (from treatment flasks) were normalized to the controls (without fungus) before being expressed as a percentage of dye 
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 decolourization. The percentage dye decolourization (%DP) was calculated for each replicate as follow; decolourization Percentage (% DP) =100 x (Abs0 –Abst)/ Abs0. Where:  Abs0 is the absorbance at time 0 for the control. Abst is the absorbance at the same times for the treatments at the maximum visible wavelength λ max for each dye concentration (Prigione et al. 2008). 
2.7.5 Dye decolourization experiments with activated and inactivated fungal biomass Two different fungi (representing the best mesophilic and thermophilic fungal candidates) and equal combinations from both were chosen for further investigations using their active and inactivated biomass. Decolourization assays were conducted in sterile replicate Erlenmeyer flasks (150 ml) containing sterilized dye-decolourization medium (100 ml) at pH 6.0. From the dye mixture stock solution (1000 mg l-1), further dilutions were made as required and used to amend the decolourization medium to obtain the desired dye concentrations (100, 500 and 1000 mg l -1). The two fungi L4 (mesophilic) and 18/19 (thermophilic) as well as the mixture of L4 and 18/19 were used as inoculum. The fungal application rate was 0.7 g l-1 (dry weight) of dye-decolourizing medium. 
2.7.6 Effect of different dye concentrations and temperatures on dye decolourization The dye mixture concentrations used in this study were 100 mg l-1, 500 mg l-1 and 1000 mg l-1. Temperatures effects on dye decolourization were assessed by incubating replicate samples of dye amended decolourizing medium of L4, 18/19 and L4-18/19 mixture at these concentrations at 30 °C, 45 °C and 55 °C for 6 days. Controls without any fungal inoculum were prepared for each dye mixture concentration and temperature. Replicate flasks were used for all the assays and these were shaken at 150 rpm at the desired temperature. Samples (2 ml) were collected at 0, 24, 48, 72, 96, 120 and 144 hours for absorbance measurements. A spectrum of the absorbance measurements of the dyes mixtures at different concentrations 100, 500 and 1000 mg l-1 (containing 25, 125 and 250 mg l-1 of each dye respectively) were performed with a Shimadzu UV-VIS Spectrophotometer -1800 (Japan) at 546, 615 and 686 nm respectively. The percentage of dye decolourization was then calculated as previously described. After 6 d, the contents of the flasks were centrifuged at 5000 rpm for 10 min, washed three times with distilled water, filtered using Whatman No.1 filter paper and dried to a constant weight at 70 °C. The weight of recovered biomass for each treatment L4 or 8 (Aspergillus fumigatus; accession no: KC689327.1), 18/19 (Thermomucor indicae-seudaticae; accession no: AF157165.1) and the combination of both) was recorded and used to compare between the dye decolourization capabilities of the activated and inactivated fungal biomass under the same conditions.   
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2.7.7 Dye decolourization experiments using inactivated biomass This was carried out to determine whether the inactivated biomass at the same weight as the activated biomass was a better dye biosorbent. The fungal cultures (individually and mixed) were grown on PDB at 30 °C and 55 °C (for mesophile and thermophile respectively) for 5 d to generate sufficient fungal biomass. The biomass was filtered from the broth, washed three times and then sterilized by autoclaving at 121 °C for 15 min. The biomass was dried at 55 °C until the weight was constant before being ground into a powder to obtain uniformly sized biomass fragments for biosorption studies using inactivated fungal biomass (Yang et al. 2011). The inactivated biomass biosorption experiment was conducted in triplicate in 50 ml Falcon tubes by adding 30 ml of dye decolourization media at three different dye concentrations (100, 500 and 1000 mg l-1). The amount of inactivated biomass used varied but was equal to the final biomass recovered from the equivalent experiment conducted with the living biomass (see section 2.10.1). All inoculated tubes were incubated at the desired temperatures (30 °C, 45 °C and 55 °C) for 48 h. Controls without any inactivated biomass were performed in triplicate for each dye concentration and temperature. Samples (2 ml) were collected periodically (every 6 h) at 0, 6, 12, 18, 24, 30, 36, 42 and 48 h.  Each sample was centrifuged at 5000 rpm for 10 min and the extent of dye decolourization measured and expressed as a percentage.  In order to determine the most effective fungal biomass for dye biosorption studies and adsorption isotherms, inactivated L4, 18/19 and L4-18/19 biomass at a constant weight of 2.5 g l-1 was used at the different dye mixture concentrations (100, 500 and 1000 mg l -1) and temperatures (30 °C, 45 °C and 55 °C) described earlier. Sampling was performed at 0, 2, 4, 6, 8, 12, 24 and 48 h for the measurement of dye decolourization. 
2.7.8 Adsorption isotherms  Langmuir and Freundlich adsorption isotherms show the interaction between the adsorbate and the adsorbent and how the adsorbate molecules are distributed at equilibrium. The data obtained from selected activated and inactivated biomass experiments were analysed to calculate Langmuir and Freundlich constants with both isotherms using the equation; Ce/qe = 1/Qmb + Ce/Qm for linearized Langmuir and ln (qe) = ln kF + 1/n (Ce) for linearized Freundlich, where Ce (mg l-1) – Concentration of dye solution at equilibrium, qe (mg g-1) - the amount of dye adsorbed by mycelia at equilibrium, Qm (mg g-1) - the maximum biosorption capacity, b- (l mg-1)-the adsorption constant related to free energy of adsorption. Qm and b were calculated from the slopes (1/ Qm) and intercepts (1/b Qm) of linear plots of Ce/qe against Ce. Kf (mg g-1) (adsorption capacity) and 1/n (intensity) are Freundlich constants and were calculated from the intercepts (lnKf) and slopes (1/n) of linear plots of lnqe against lnCe (Saltabas, Teker & Konuk 2012). 
2.8. Screening and optimization of microbial species for bioflocculation  
2.8.1 Oleaginous screening of different fungal isolates for oil content 
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 Some fungal species have the capability to accumulate lipids in their biomass up to 30 %. Therefore, screening fungi for high oil production and lipid accumulation was carried out using carbon deficient agar plates in two steps as described by Shi Lin et al. (2011) with slight modification (ShiLin et al. 2011). The first step was carried out in 100 ml flasks using EB (50 ml). The fungal species (mesophilic and thermophilic) isolated earlier in this study from compost piles, soils and straws at 30 °C (for mesophiles) and 55 °C (for thermophiles) using Bushnell Hass (BH) medium as described by Kadali et al. (2013) were resubjected to oleaginous screening (flask-based) using the EB mixture (50 ml). EB was inoculated by transferring a 1 cm fungal plug from a fresh PDA fungi plate and incubated for 48 h at the desired temperature on an orbital shaker at 150 rpm (Ratek Instruments, Australia) (Kalyani et al. 2013). Following growth, the  culture was centrifuged at 4700 rpm for 5 min then washed with sterilized water three times to ensure the removal of all nutrients. Sterilized water (10 ml) was then added to the fungal biomass. An aliquot (150 µl) of each fungal cultural suspension was transferred into the middle of the Carbon Deficient Agar (CDA) plate; the same medium without D-xylose and including 12-15 g l-1 Oxoid bacteriological agar No. 1 (ShiLin et al. 2011). The amount of growth from the fungal pellets was marked, recorded and further assessed after 16 and 24 h. The fungal strains which appeared earlier and grew faster were chosen for further screening for ball-shaped formation (as described earlier in section 2.7.3) and bioflocculation studies. 
2.8.2. Nile Red staining Selected microalgal cells, fungal pellets and co-cultivated pellets were collected by centrifugation for the detection of intracellular lipid droplets by fluorescence microscopy using the Nile red staining technique (Greenspan, Mayer & Fowler 1985). These cells and pellets were re-suspended in 1 ml of 20 % DMSO 
containing Nile Red stock solution (5 μl; 0.10 mg ml-1 of Nile Red dissolved in acetone) and incubated at 50 °C with constant shaking at 150 rpm for 5 min. The stained pellets were then subjected to fluorescence microscopy analysis to observe the formation of lipid droplets in the co-cultivated cells using a Leica DM 2500 with an attached camera (Leica DFC 310 FX). Nile-Red filter: excitation at 543 nm, emission 555–650 nm. 
2.8.3 Screening different microalgal species for potential applications (harvesting) when 
combined with fungi Some of the microalgae species listed in Table 2.1 were used for the screening for rapid harvesting while others were used for bioremediation studies, individually or combined with fungal pellets. Fungal and algal mono-cultures were also grown for 48 h as controls. Selected algae species were grown under constant light (200 µmol m-2 s-1), temperature (28 °C) and shaking either in an Erlenmeyer flask or by bubbling in a 1 litre volumetric flask using sterile filtered air (using a sterilised filter, 0.22 µm). The volumetric flask contained a sponge plug with a 10 ml pipette inside and the pipette allowed sterilized air in through the sterilized filter attached to the pipette and the sponge allowed air out. The growing algal species screened for quick harvesting (combined with fungi species) were Chlorella protothecoides, 
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Chlamydomonas reinhardtii (strains 124, 4334, 503), Chlorella vulgaris, Tetraselmis chuii, Nannochloropsis 
oculata, Dunaliella tertiolecta, Nannochloropsis salina, Pseudokirchneriella subcapitatus, and Synechocystis 
sp. This experiment was carried out in six well plates (flat bottom; JET BIOFIL, Japan) to determine how much microalgae was harvested from the culturing media by fungi after 12, 24 and 48 h of fungal inoculation. Each well contained a microalgal suspension (15 ml) inoculated with 20 fungal pellets and incubated on an orbital shaker (100 rpm) at 28 °C. The percentage of different algal suspension removal was calculated at time 0, 12, 24 and 48 h for each fungal isolate with respect to the control (without fungal inoculant) at 750 nm. Cell number, biomass, OD540 or OD750 and chlorophyll concentrations were measured throughout the study. The 750 nm wavelength resulted in the highest absorbance in the full spectral analysis performed from 250 nm to 900 nm for the different algal cultures. All of the experiments were replicated at least three times. The percentage of microalgae removal from the microalgal-fungal suspension was calculated with respect to the control according to the Flocculation efficiency (FE). FE was calculated based on changes in OD, cell numbers and in chlorophyll concentrations of uncaptured algal cells in the co-cultivation media at different time according to the following formula: FE % = [(A-B)/A] x 100, where A = OD, cell number, chlorophyll concentration at time 0; B= OD, cell number, chlorophyll concentration after 12 h, 24 h or 48 h. The bioflocculation experiment (a combination of microalgae and fungi) was repeated using Erlenmeyer flasks (50 ml) to confirm the result from the six well plates. Flasks containing different algal cultures (20 ml) inoculated with settled fungal pellets (10 ml) were incubated in an orbital shaker (150 rpm) at 28 °C for 0, 12, 24 and 48 h. The algal species used in this experiment were Chlorella protothecoides, 
Chlamydomonas reinhardtii, Chlorella vulgaris, Tetraselmis chuii, Nannochloropsis oculata, Dunaliella 
tertiolecta, Nannochloropsis salina, Tetraselmis suecica, Pseudokirchneriella subcapitatus SD100 and 
Thraustochytrid sp.. The optimum ratio of fungi and microalgae was examined using different ranges starting from 1:1, 1:5, 1:10, 1:20, 1:30, 1:40 and 1:50. 
2.8.4 Wastewater treatment Swine lagoon wastewater was provided by Dr J Hill, Termes Consulting Ltd, Melbourne. Wastewater samples were centrifuged to remove large particles, filtered through Whatman filter paper and autoclaved at 121°C, allowed to cool to room temperature, and stored at 4°C.  Wastewater was diluted to either 25 % or 10% with tap water for experiments with C. protothecoides and seawater for experiments with T. suecica. The concentrations of NH4+−N and PO4-3-P in the anaerobically diluted swine wastewater (ADSW) were 680.7 mg l-1 and 145.7 mg l-1 respectively. The fungal-algal pellets produced on PDB were harvested by filtration and 200 wet pellets were added to 250 ml of wastewater (approximately, 1 g l-1 DW). The mixtures were shaken at 150 rpm for 48 h. Samples of growth media were analysed for ammonia, nitrate and phosphate using an ion chromatography system Dionex ICS-1100 (Thermo Scientific, USA). 
2.9 Lignocellulase enzyme assays 
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2.9.1 Cellulase, xylanase and strawase activities Hydrolytic enzyme activities (cellulase, xylanase and strawase) were measured (in cell free supernatants of bacteria, fungi and the combination) based on the release of reducing sugars from different substrates. The substrates used for cellulase, xylanase and strawase activities were filter paper strips (6 x 1 cm ~ 60 mg of Whatman No.1), xylan (1%) and an equal mix of four different straws in a slurry suspension (1%, wheat, rice, sugarcane and pea straw) in Na-citrate buffer (0.05 M, pH 4.8) and incubated with the crude enzyme (0.5 ml) at 50 °C for 60 min (without crude enzymes and with 0.5 ml of Na-citrate buffer instead). Control incubations were routinely included (Bailey, Biely & Poutanen 1992; Dashtban et al. 2010; Ghose 1987). Reducing sugars released by crude enzymes were estimated using the 3,5 dinitrosalicylic acid (DNS) method (Miller 1959). One unit of enzyme activity was defined as the amount of enzyme required to liberate one µmol of the reducing sugar per minute under assay conditions (Bailey, Biely & Poutanen 1992; Ghose 1987). Hexose and pentose standards were made up by using pure glucose (a hexose sugar) and xylose (a pentose sugar) in the range 0 to 5 mg ml-1. 
2.9.2 Laccase, lignin-peroxidase and Mn-peroxidase activities Enzyme activities for  laccase, lignin peroxidase (LiP) and manganese peroxidases (MnP) (oxidative enzymes) were carried out at 30 °C as described by Tien and Kirk (1984) (Arora & Gill 2001; Bora 2003; Han, Choi & Song 2005; Tien & Kirk 1984; Wariishi, Akileswaran & Gold 1988). Lignin peroxidase (LiP) activity was measured by the oxidation of veratryl alcohol by H2O2 to veratryl aldehyde. The absorption of the initial rate of veratryl oxidation was monitored by UV/Vis spectrophotometry at 310 nm over 30 min. 
One unit of lignin peroxidase activity was considered as the amount of enzyme that oxidizes one μmol of the substrate (veratryl alcohol) per minute per ml of the culture filtrate (Arora & Gill 2001; Tien & Kirk 1984). The reaction mixture consisted of crude enzymes (0.5 ml), 10 mM of veratryl alcohol (0.5 ml), sodium tartrate buffer (1 ml of 125 mM pH 2.5 - 3) and 2 mM of hydrogen peroxide (H2O2) (0.5 ml). Veratryl alcohol and hydrogen peroxide solutions were prepared freshly on the day of the assay. The reaction was started by addition of the hydrogen peroxide solution. Manganese-dependent peroxidase (MnP) activity was assayed according to Wariishi & Gold (1988) by monitoring the initial oxidation of 2,6-dimethoxyphenol (DMP) at 30 °C over 30 min at 469 nm (Wariishi, Akileswaran & Gold 1988). DMP and hydrogen peroxide solutions were prepared freshly on the day of the assay. The reaction mixture consisted of crude enzymes (150 µl), 0.5 mM DMP (150 µl), 1.0 mM MnSO4 (150 µl), 0.2 M sodium acetate buffer (900 µl, pH 4.5) and 0.5 mM hydrogen peroxide solution (150 µl). The reaction was started by adding the hydrogen peroxide solution. One unit of MnP activity was 
considered as the amount of enzyme that oxidized 1 μmol of the substrate per min per ml of the crude supernatant. Laccase activity (Lac) was measured using the protocol described by Han & Song (2005) by monitoring the oxidation of 5 mM 2, 2’-azino-bis (3-ethylbenzthiazoline-6-sulfonic acid) (ABTS) as a substrate at 420 nm (Han, Choi & Song 2005). The reaction mixture contained crude enzymes (50 µl), 5 mM of ABTS (50 
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 µl) in 25 mM sodium succinate buffer, pH 5 and deionized water (900 µl). ABTS oxidation was initially monitored by measuring the increase in the absorbance at 420 nm after 30 min at 30 °C. One unit of 
laccase was defined as the amount of enzyme required to oxidize 1 μmol of the substrate (ABTS) per min. Specific enzyme activities were expressed as enzyme units per mg protein when required (Arora & Gill 2001; Bora 2003). 
2.9.3 Measurement of protein concentration (Protein assay) Protein concentration was measured in the crude enzymes according to Bradford (1976) by using Bradford reagent (Bio-Rad protein assay Kit) (Bradford 1976). Bovine Serum Albumin (BSA) was used as a standard (0.05 to 0.5 mg ml-1). Protein solutions were measured in triplicate in 96 microtitre plates. An aliquot (20 µl) of each sample (in triplicate) was transferred to a new well, then Bradford reagent (200 µl) was added and mixed carefully with the samples. Microtitre plates were incubated at constant temperature (28 °C) for 5 min and absorbance was measured at 595 nm. 
2.9.4 Pyrolysis experiments and thermogravimetric analysis Pyrolysis analyses were performed by Dr. Nazim Muradov (University of Central Florida, Florida Solar Energy Centre, 1679 Clearlake Road, 32922 Cocoa, FL, USA). Pyrolysis experiments were conducted in a quartz tube reactor with the outside and inside diameter of 12 and 10 mm respectively. Biological dried sample in triplicate (2.0 ± 0.1 g) was placed inside the quartz tube reactor. The connecting lines were purged with Ar gas with a flow rate set at 100 ml min-1 using a metering valve and a calibrated rotameter before each run. The tube reactor was heated using a tube furnace which was controlled by a temperature controller (Omega CSC32, Omega Engineering, Inc., USA) with external and internal thermocouples used to control and monitor the reactor temperature during pyrolysis. The furnace and the quartz reactor tube were aligned vertically so that the liquid products generated from pyrolysis dripped into the pre-weighted condenser assembly, which was chilled using ice and then passed through a glass wool filter before being collected as a bio-oil product. The gas generated from pyrolysis also passed through a glass wool filter before being collected into a gas sampling Teflon bag. The condenser was weighed before and after the reaction to obtain the weight of the liquid product (bio-oil) collected. The volume of the pyrolysis gas was measured and analysed by gas-chromatography (GC) (Miranda et al. 2014). 
2.9.4.1 Analysis of pyrolysis products The pyrolysis gas collected in a gas sampling Teflon bag was analysed using a Varian 450 gas chromatography (GC) with thermal conductivity detector (TCD) for permanent gases (H2, air, CH4, CO, CO2) and flame ionization detector (FID) for hydrocarbon gases. Argon was used as carrier gas and three columns were used for separation- PLOT alumina/KCl, Molecular sieve 5A and Haysep Q (Miranda et al. 2014). The collected liquid product (bio-oil) was analyzed using gas chromatography-mass spectrometry (GC-MS) after being dissolved in aliquot amounts of dichloromethane (DCM) and injected into an Agilent 6890N (Agilent Technologies, Santa Clara, CA, USA) coupled to a JEOL GCMate-II (JEOL Ltd., Tokyo, Japan) 
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 GC-MS. Typical GC-MS parameters used in the analyses were as follows: helium as carrier gas with a flow rate of 2 ml min-1, column: HP-5ms (60 m × 0.32 mm × 0.25 μm), injection port temperature: 300 ˚C, GC-
MS interface temperature: 250 ˚C, a sample injection volume: 10 μl, split ratio: 50:1. The peaks in the chromatographs were identified using the search-match function in the software (Miranda et al. 2014). The solid product (bio-char) was collected from the pyrolysis reactor after the experiment and weighed. 
2.9.4.2 Thermogravimetric analysis Thermogravimetric (TGA) and derivative thermogravimetric (DTG) analyses were carried out after loading 12 mg of the original sample (without additional drying) into a Perkin-Elmer Diamond TG/DTA instrument using helium or ultra-zero air as a gas carrier at a constant flow of 200 ml min -1. The samples 
were heated from 50 ˚C to 950 ˚C at a heating rate of 20 ˚C min -1 using different carrier gas. Helium was used as a carrier gas (TG-pyrolysis mode) for measuring moisture, volatiles and fixed carbon contents whereas air was used as a carrier gas (TG-combustion mode) for measuring the ash content. The loss of 
weight between 25 ˚C and 120 ˚C was used to calculate the moisture content of each sample. The volatile content of the samples was determined from the loss of weight between 120 ˚C and 650 ˚C (primary 
volatiles), and 650 ˚C and 950 ˚C (secondary volatiles). The ash content of the sample was determined from the amount of solids remaining at the end of the TG-combustion mode. Fixed carbon was calculated by subtracting the ash content from the solids remaining at the end of the TG-pyrolysis mode (Miranda et 
al. 2014). 
2.10 Lipid extraction and analyses Extraction and analysis of lipid yield and FAME composition analysis of algal, fungal and fungal-algal pellets were performed using an economical, simplified protocol (applicable to fresh, frozen, lyophilized tissue, oils, waxes, and feedstuffs samples) and easy sample preparation previously described by O'Fallon 
et al. (2007) to directly obtain fatty acid methyl esters (FAME) from different substances (in the presence of up to 33% water) without prior organic solvent extraction. The (semi-dried) algal, fungal and fungal-algal pellets samples were hydrolysed for 1.5 h at 55°C in 1 N KOH in MeOH (methoxide), then the KOH was neutralized and the free fatty acids are methylated by H2SO4 catalysis for 1.5 h at 55°C then hexane was introduced to the reaction tube, vortex, mixed and centrifuged and finally the hexane layer was transferred into a gas chromatography vial (O'Fallon et al. 2007).   
2.10.1 Destruction of biological samples for lipid extraction  Lipid extraction of selected fungi, microalgae and the complex of fungi-algae pellets were carried out using the extraction of lipids from biological materials method with a slight modification (Bligh & Dyer 1959). Dried ground biological samples (100 mg) were weighted into 2 ml screw tubes (containing 0.5 g of glass beads 212–300 μm) and 1 ml of methanol was added and mixed using a bead-beater (BIOSPEC Products, Oklahoma, USA) for five cycles (each cycle 1 min) (Lee, Yoon & Oh 1998). Cooling on ice and gas release was performed for each sample between each cycle. After the homogenisation of the biological 
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 samples using methanol, the sample was transferred into a 15 ml glass screw top tube containing 6 ml of chloroform. The 2 ml screw tube was washed out with 2 ml of methanol. The ratio of methanol to chloroform was 1:2 (Lee, Yoon & Oh 1998). Samples were left on an orbital shaker overnight at room temperature. The tubes were centrifuged at 1000 g for 15 min at 10 °C. The supernatant was pushed through a syringe containing a glass fibre filter into a 10 ml glass measuring cylinder containing 3 ml of 0.9 % sodium chloride. The sample was transferred from a 10 ml glass measuring cylinder into a 15 ml Falcon tube with a lid and the tube inverted three times, opened to allow any gas to be released, and inverted a further ten times to allow ample mixing with sodium chloride. The sample was returned to a 10 ml measuring cylinder and left to allow a biphasic solution to form. After formation of the biphasic system the volume of the lower phase was recorded. After that, using a glass pasture pipette the upper phase was removed and discarded. An aliquot (3 ml from the lower phase) of the solution was added to a pre-weighed 4 ml test tube. The sample was placed into a 65 °C drying oven overnight or until reach the constant weight. The test tube was reweighed and the results recorded to quantify the lipid content (g/g) using this equation:  
LW = (m2 - m0) x V / (3 x m1) Where; LW (g/g) = lipid content based on dry weight                             m2 = final weight of test tube (g) m0 = initial weight of test tube (g)   V= volume of lower phase (ml) m1 = initial weight of dried sample (g) 
2.10.2 Fatty Acid Methyl Esters (FAMEs) formation  The biomass of biological samples were harvested by centrifugation at 5000 rpm for 10 min and then washed twice with deionized water to remove the nutrient and salts in the medium. The collected biomass was dried by lyophilisation. Fatty Acid Methyl Ester formation was performed on the freeze-dried biological sample (fungi, microalgae and fungi-microalgae pellets). An aliquot (30 mg) of the freeze dried sample was dissolved in 4 ml of 0.5 M KOH (in ethanol). The solution was separated (1 ml each) in four 2 ml bead beater tubes containing 0.5 g of 0.5 mm glass beads and placed in the Mini-Bead beater (BIOSPEC Products, Oklahoma, USA) for 10 mins to be disrupted. The mixture was collected and placed in a 15 ml PolyTetraFluoroEthylene (PTFE) tube. The mixture was heated to 100 °C (for saponification) in an oven and the sample was removed from the oven and allowed to return to room temperature. An aliquot (4 ml) of 0.7 M HCl was added to the sample which was then heated to 100 °C (for esterification). The sample was brought to room temperature and equal amounts transferred into two PTFE tubes. 
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 FAMEs were formed due to transesterification and were then extracted using n-hexane. Saturated NaCl (600 µl, to preventing emulsification) and n-hexane (4 ml) were added to each tube (Miranda et al. 2014). The sample was mixed thoroughly by vortexing for 5 min and left in the fume hood overnight. The following day the sample was agitated slightly to allow the hexane and oil to float to the surface. The hexane and oil was collected in an Agilent vial (2 ml) with a glass pipette and frozen at - 20°C for GC analysis.  
2.10.3 Lipid composition analysis using Gas Chromatography The composition of fatty acid methyl esters (FAMEs) after direct transesterification was analysed using  gas chromatography (GC-17A Ver2, Shimadzu, Kyoto, Japan) equipped with a flame ionization detector (FID). The column used was a Supleco, SLB-IL100 (dimensions, 30 m x 250 µm x 0.2 µm). The injector and detector temperatures were 250°C while the oven temperature was held at 180°C. Samples were injected into a 100 m-long capillary column and the injection size was 1 µl. Helium was used as the carrier gas with a flow rate of 1.25 ml per min. The FAME peaks were identified and quantified by referring to the standard mixtures (Sigma-Aldrich, Australia) that had the same retention time (C-8, C-12, C-14, C-16, C-18, C-18:1, C-18:2 and C-20) (Miranda et al. 2014). 
2.11 Surface characterizations of ball-milled straws 
2.11.1 Fourier transformer infrared (FTIR) analysis FTIR technique is an important tool to identify some characteristic functional groups in solid, powder and liquid samples. A comprehensive qualitative molecular comparison of the solid characteristics of four different ball-milled straws (wheat, rice, sugarcane and pea straw) were carried out by Fourier transformer infrared (FT-IR) spectroscopy (Spectrum 100 with a Universal Single bounce Diamond ATR attachment; PerkinElmer, USA). The strength of the bonds between carbon atoms was  measured (as absorbance or transmittance) when subjected to the infrared light source. Each sample spectrum displayed a number of absorption peaks indicating the complex nature of the material.  After the diamond crystal area has been cleaned with 70 % ethanol and the background spectrum collected (base-line), a small straw sample (20 mg; after being dried) was placed onto the small crystal disc. The pressure arm was positioned over the crystal-sample area and then pressed. The chemical structures of the solid samples were analyzed using a FTIR spectroscopy (Spectrum 100) over the wavenumbers range of 650– 4000 (Cm-1) (Hsu et al. 2010). 
2.11.2 Environmental Scanning Electron Microscopy (ESEM) Differences in the characteristic of ball-milled straw’ surfaces between the four different straws were assessed using an Environmental Scanning Electron Microscopy (ESEM). Ball-milled straw images (from different straws) were digitally captured using a Quanta 200 ESEM (FEI Company, Melbourne, VIC., Australia) after the straw specimens (size 1 mm) were glued onto specimen stubs and coated with a thin 
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 layer of gold in a gold sputter coater for 60 s to ensure their conductivity (Taherdanak & Zilouei 2014). The ESEM was operated at 3000 x magnification, high voltage (15 kV), pressure 1.2e-6 Torr., emission current 96 µA, filament current 2.49 A and the filament voltage was 1.88V.  SEM images of biochar (pyrolysis products) from A. fumigatus-C. protothecoides pellets, biochar from A. fumigatus and ash from 
C. protothecoides were captured and analysed using a Hitachi TM-1000 tabletop scanning electron microscope. The energy dispersive spectroscopic (EDS) analysis of the biochar and ash samples was conducted using a Bruker AXS instrument at magnification 2,500 x. 
2.12 Identification of microbial isolates (bacteria and fungi) Based on the screening results, fungal and bacterial candidates representing microbial mesophiles and thermophiles were selected for further investigation. Genomic DNA was extracted from the broth cultures of these isolates either using a phenol-chloroform-isoamyl-alcohol-bead beating method or  a MoBio DNA extraction kit (Sheppard et al. 2011).  
2.12.1 Nucleic acid (bacterial and fungal DNA) extraction and PCR amplification Genomic DNA was extracted from overnight bacterial cultures grown on nutrient broth using a MoBio DNA extraction kit (MoBio Power Soil, Carlsbad, CA, USA) according to the manufacturer’s guidelines. Fungal DNA was extracted by transferring ~ 0.5 g of fresh microbial (bacteria or fungi) biomass into sterile tubes (2 ml tubes) containing sterilised glass beads (0.5 g, 212–300 μm) and 0.5 ml sterilised DNA extraction buffer (240 mM sodium-potassium phosphate buffer, pH 7.8) (Griffiths et al. 2000). The 2 ml tubes were mixed gently prior to bead beating for two cycles of 45 s for fungi. Tubes were placed on ice between each cycle for one min. Following centrifugation (16,000 g for 5 min at 4 °C), the top clear layer (containing DNA extraction buffer) was transferred into new (2 ml) sterilised Eppendorf tubes. An equal volume of phenol- chloroform-isoamyl alcohol (25:24:1) was added and mixed for 2 min before being centrifuged (16,000 g for 5 min at 4  °C). This step was repeated (2~3 times) until all the PCR inhibitors (humic acid) were precipitated by the phenol- chloroform-isoamyl alcohol mixture. The tubes were re- spun at 16000 g at 4 °C for 2 min. Supernatants were placed into fresh sterile Eppendorf tubes containing an equal volume of cold sterilized iso-propanol (filtered through 0.22 µm filter and kept in -20 °C). The tubes were incubated at -20 °C for 1 h. After incubation the tubes were centrifuged at 16000 g at 4 °C for 12 min. Supernatants were discarded and an equal volume of cold sterilized ethanol (filtered through 0.22 µm filter and kept in -20 °C) was added and after mixing the tubes were centrifuged for 16000 g at 4 °C for 12 min. The supernatant was discarded and the pellet was allowed to dry under sterile conditions. 
When the pellet was dry, sterile water (50 μl; RNase free) was added and the nucleic acids stored at -20 °C for further investigation.  The extracted (bacterial and fungal) DNA (2 µl) was used as a template for PCR amplification using the different primers shown in Table 2.2. The PCR reaction mixture (50 µl) was composed of 27.75-29.75 µl sterile water, 10 µl of GoTaq flexi buffer (10×), 3-5 µl of MgCl2 (25 mM), 1 µl of dNTPs mixture (2 mM), 2 µl of each primer (10 pmol µl−1) and 0.25 µl of Taq DNA polymerase enzyme (5U/μl). For each sample, 
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 DNA template (2 µl) was added to the PCR mastermix (48 µl). The main bacterial thermocycling programme of 63F and 1389R primers was 1 cycle 5 min at 95 °C; 30 cycles of 1 min at 95 °C, 1 min at 65 °C, 1.5 min at 72 °C and a final extension at 72 °C for 10 min. The profiles program for fungal amplifications using ITS1F and ITS4R was 1 cycle of 5 min at 95 °C; 35 cycles of 45 s at 94 °C, 45 s at 58 °C and 45 s at 72 °C and a final extension at 72 °C for 10 min. All PCR reactions were performed in a thermocycler (BioRad, Australia). PCR amplicons were purified using a PCR clean up kit (Promega, USA), before being sent for sequencing according to AGRF requirements (http://www.agrf.org.au/). The sequenced data was edited with Sequencher (Version 5.0). The edited data was subject to BLAST analysis on the National Centre for Biotechnology Information website (NCBI) (http://www.ncbi.nlm.gov/) for the determination of bacterial and fungal putative identities (Kadali et al. 2012). Table 2.2. Primers used for PCR amplification for bacterial and fungal identification and phylogenetic studies. 
Primer  
name 
 
 
Microbial 
    target 
      Sequence                                                      
       (5’ to 3’) 
Example   
references 341F  Bacteria CCTACGGGAGGCAGCAG (Muyzer, De Waal & Uitterlinden 1993)  518R   ATTACCGCGGCTGCTGG   63F   CAGGCCTAACACATGCAAGTC  (Osborn, Moore & Timmis 2000) 1389R   ACGGGCGGTGTGTACAAG       ITS1F  Fungi CTTGGTCATTTAGAGGAAGTAA (Sheppard et al. 2011) ITS2R   GCTGCGTTCTTCATCGATGC   ITS4R   TCCTCCGCTTATTGATATGC   SSU0817   TTAGCATGGAATAATRRAATAGGA  (Borneman & Hartin 2000) SSU1536   ATTGCAATGCYCTATCCCCA    
2.12.2 Agarose gel electrophoresis The quality of the (bacterial and fungal) genomic DNA was checked by 1% agarose gel  electrophoresis (in 1X TAE buffer; Tris-acetic acid electrophoresis) with a 1 kb ladder used for determining the size of DNA. 
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 PCR products were also checked on agarose gels (1.5 %). Syber safe (10 µl; Invitrogen, Australia) was added to 100 ml agarose solution after the agarose had been dissolved by microwaving (for 90 s) for DNA or PCR products staining. A 100 bp ladder was used to determine the size of PCR products. The gels were run at 60 V for 50 min before being visualized under UV in the GelDoc (BioRad, Australia) (Sambrook & Russell 2001). 
2.12.3 Phylogenetic analysis Sequences were edited with bioedit (http://www.mbio.ncsu.edu/bioedit/bioedit.html) (version 7.2.5) and aligned with CLUSTALW2 (version 2.1) (http://www.ebi.ac.uk/Tools/msa/clustalw2/). Phylogenetic trees were constructed using sequence alignment by Tree Dyn in PhyML (http://www.phylogeny.fr/) (version 2)(AdetutuThorpe, et al. 2012; Dereeper et al. 2008). 
2.13 Correlation and statistical data analysis  The relationship and the correlation between enzyme activities (cellulase, xylanase and strawase) determined from the bacterial, fungal and the combination of supernatants using the traditional crude enzyme (after 12 days) and the relevant substrates utilisation using the Biolog (MT2) microplate assay (after 7 d) was statistically assessed according to Pearson’s correlation coefficient (r) using IBM-SPSS (version 21) and Microsoft Excel 2010 (R2). Analysis of variance (ANOVA) was performed on data using the IBM-SPSS (version 21) Statistical Program. Mean values of separation was performed using the Least Significant Difference (LSD) test (p = 0.05), where the F-value was significant. Standard error bars were produced using the following formula in Microsoft® Office Excel 2010. Standard error = STDEV (range of values)/SQRT (number of replicates) Where: STDEV= standard deviation; SQRT= square root of the population size. The standard error (SE) was used where required.            
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lignocellulosic-straw-degrading bacteria 
 Taha, M., Kadali, K. K., Khalid, A. H., Smith, A. T., Ball, A. S., & Adetutu, E. M. (2015). An effective microplate method (Biolog MT2) for screening native lignocellulosic-straw-degrading bacteria. Annals of Microbiology, 1-12. DOI 10.1007/s13213-015-1044-y   
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7.1. Discussion The overconsumption of our finite fossil resources coupled with increasing anthropogenic aquatic pollution have resulted in increased interest in the potential role that environmental biotechnology offers in terms of biological solutions to these two fundamental problems; the generation of alternative bioenergy and the biodegradation effluent containing wastewaters. This study aimed to offer new environmental biotechnological solutions via the isolation and assessment of lignocellulose degrading micro-organisms. Despite the large number of lignocellulosic microbial degraders (bacteria and fungi) that are currently available and capable of secreting and synthesizing an array of lignocellulose degrading enzymes, to date there is no report of microbial isolates capable of efficiently  saccharifying lignocellulosic substances into its monomers (Wang et al. 2012). Therefore, this research began with the isolation, purification and characterisation of lignocelluolose degrading microbial isolates (bacteria and fungi) and importantly the development of a rapid screening approach for the assessment of the lignocellulose-degrading potential of these isolates, either individually or in co-culture modes in relation to solving the technical barriers involved in the two areas. Currently a significant bottleneck exists in the use of traditional methods for the screening novel of microbial isolates in terms of lignocellulose degrading capability. In addition these methods are costly, laborious, time consuming and not environmentally friendly. The development of a simple, rapid and a quantitatively accurate process for screening microbial isolates in terms of their lignocellulose saccharification ability against four different ball-milled straws represents a significant innovation. In the first part of this project, sixty bacterial isolates were isolated and qualitatively screened for their ability to grow on BH-selective media supplemented with ball-milled native straws as sole carbon and energy source. Based on the results, thirty bacterial isolates were identified as being capable of saccharifying one or more of the four lignocellulose substrates. The selected bacteria were screened using one of the traditional screening methods (crude enzyme production-submerged mode) and by applying the rapid screening approach developed; namely Biolog (MT2) microplates. The correlation between both methods was significant (R2 values up to 0.86), confirming the validation of Biolog microplates screening technology as a cheap, environmental friendly and effective tool for the rapid screening and quantitative assessment of new bacterial species capable of degrading different types of lignocellulosic straws. The Biolog (MT2) microplate offers the potential for the immediate screening of different bacterial strains isolated from a variety of different habitats against a range of lignocellulosic substrates in a single microplate instead of waiting (12~15 days) for the crude enzyme to be induced. Unlike conventional screening methods, there is no requirement for the use of toxic chemicals such as dinitrosalicylic acid or arsenate, commonly used for the measurement of reducing sugars. The isolated bacterial groups were assessed phylogenetically and found to belong to two main phyla; Firmicutes and Proteobacteria; both phyla have previously been reported as potential lignocellulosic 
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 degraders (Archana & Satyanarayana 1997; Bandounas et al. 2011; Dar et al. 2015; Maki et al. 2012; 
Obruca et al. 2012; Pandey et al. 2013). In a current report by Du et al. (2015), who used one of the Proteobacterial isolates (Pseudoxanthomonas taiwanensis) for the enhancement of saccharification and bioethanol production, the average cellulase activities were approximately 2.0 U ml-1 (Du et al. 2015). The isolation and screening protocol developed here resulted in the isolation of bacteria exhibiting significantly higher levels of cellulolytic activity (up to 4.2 U ml -1). Bacterial isolate RMIT9 (Bacillus sp.; KC422649.1) was identified by both screening methods as the highest cellulase producer (4.24 U ml -1) while bacterial isolate RMIT1 (Klebsiella variicola; KC853308.1) was classified by both methods as the highest xylanase producer (0.56 U ml -1). Bacterial isolates RMIT4 (Klebsiella oxytoca; KC139460.), RMIT5 (Bacillus thuringiensis; KC778385.1) and RMIT7 (Bacillus 
amyloliquefaciens; KF475870.1) were identified by both screening methods as the highest straw degrading bacteria. The results confirm that the developed and validated Biolog (MT2) microplate approach can be used for rapid and immediate screening of newly bacterial isolates and could be exploited commercially to identify novel and unique bacterial groups with high saccharifying activities from a variety of different habitats. The main disadvantage of Biolog microplates is the inability to screen other microbial groups (such as fungi) due to the growth of fungal mycelia (pellets) which inhibit the measurement of the well colour-development during the Biolog experimental conditions. Lignocellulases are extracellular inducible enzymes produced during the growth on carbon-limited medium (crude enzyme). Production cost of these enzymes represents the main economic challenge into the commercialization of cellulosic ethanol from inedible substrates (Howard et al. 2004). The cost of these enzymes could be significantly reduced either by screening for novel microbial isolates with desired saccharification properties or by using cheap lignocellulosic substrate as an excellent inducer for a battery of hydrolytic enzymes production. In this study, four different straws (wheat straw, rice straw, sugarcane straw and pea straw) were selected as a lignocellulosic waste (LCW) representing not only the most abundant, renewable, cheap resources but also geographically evenly distributed throughout the world as inedible resources which could be exploited as a substrate for biofuels production and for the induction of crude lignocellulase enzymes. These ball-milled straws were successfully used as a sole carbon source in both screenings mode; crude enzyme production and Biolog microplate. Although the presence of soluble compounds which induce the production of variety of lignocellulases enzymes are known to vary from one substrate to another it has been concluded that native straws represent the best inducers of lignocellulolytic enzymes (Obruca et al. 2012). In addition, the generation of inhibitors (in the crude enzyme preparation) can also vary from one straw to another and may substantially influence the biodegradation of certain straws. For example; the concentration of cellulase inhibitors of Trichoderma 
reesei increased when wheat straw was used as substrate when compared to rice straw (Holtzapple et al. 1990). In this study, the use of ball-milled rice and sugarcane straws as carbon and energy sources led to greater production of lignocellulase enzymes than when wheat and pea straws were used. The results confirm that rice and sugarcane straw induced more lignocelluloytic enzymes activities and less enzyme 
136 
 
The application of new microbial isolates for environmental biotechnology                                M. Taha 
 inhibitors compared to wheat and pea straws (Alvira, Ballesteros & Negro 2013; Chundawat, Balan & Dale 2008; Gupte & Madamwar 1997; Holtzapple et al. 1990; Jørgensen, Kristensen & Felby 2007; Kalyani et al. 2013; Murad & Azzaz 2013). Examination of the ball-milled straws revealed that the differences between the degradability of different ball-milled straws were consistent with differences in the surface characteristics of these different straws observed by ESEM and FT-IR, suggesting that ball-milled rice and sugarcane straws were easily degraded and saccharifying more readily than other straws. There are a number of other factors such as differences of hemicellulose and lignin content and the extent of cellulose crystallinity which may also limit the saccharification activity of these substrates (Jørgensen, Kristensen & Felby 2007; Saha 2003; Sewalt, Glasser & Beauchemin 1997; Taha et al. 2015). Although biological straw saccharification (using microbial isolates or their metabolites) is generally preferred over other less specific physical and chemical hydrolysis approaches, bioconversion remains the most challenging step in the production of cellulosic bioethanol due to the lack of saccharifying bacterial candidates. However, in natural ecosystems, the biodegradation of lignocellulosic biomass is largely achieved by the synergistic cooperation of a variety of microorganisms (mainly bacteria and fungi). The search continues for new microbial isolates (fungi) or consortia (co-cultures) with enhanced microbial activities. In addition to the isolation and assessment of new bacterial isolates, fungi were also isolated and screened. The ability of fungi to produced high levels of lignocelluloytic activity is well known (Kalyani et 
al. 2013; Kuhad et al. 2007; Murad & Azzaz 2013; Sharma et al. 2013). Another aim of this study was to investigate and compare whether constructed consortia (co-cultures) could result in greater lignocellulose activity than individual microbial isolates (bacteria or fungi). This experiment was based on previous observations by Okeke & Lu (2011) who revealed that the highest cellulolytic and xylanolytic activities were observed in a defined bacterial consortia rather than individual bacterial isolates (Okeke & Lu 2011). Higher saccharification effect was achieved/observed when mixed cultures were applied to the same lignocellulosic material compared to pure microbial culture which mimics the involvement of more potential organisms participate in the biodegradation process of lignocellulosic biomass naturally.      Thirty bacterial isolates (RMIT1 to RMIT30) and 18 fungal isolates (FUNG1 to FUNG18) were selected and quantitatively screened, based on assessment of crude enzyme production to saccharify four different ball-milled straws. In general and based on the enzyme assay results, fungal isolates produced almost double the enzyme activity produced by bacterial isolates in all enzyme activities; cellulase, xylanase and strawase (Taha et al. 2015). This finding supports other reports in literature which showed that fungi generally enhanced more biodegradability of lignocellulosic biomass compared with bacteria (Ahamed & Vermette 2008; Kuhad et al. 2007). The results are consistent with previous work; for example, bacterial isolate (RMIT1; Klebsiella variicola) was found to secrete the highest bacterial xylanase (0.56 U ml-1) while fungal isolate (FUNG16; Neosartorya fischeri) was the best fungal xylanase producer (0.98 U ml-1) when compared to previous studies that showed lower xylanase activity from bacterial isolate 
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 (Streptomyces thermoviolaceus) grown on sugarcane bagasse (0.42 U ml-1) under the same conditions (Brito-Cunha et al. 2013).  Until now, most studies examining the saccharification of lignocellulosic feedstocks are based on mono-cultures- growing one single microbial isolate. However, in this study individual isolates as well as microbial consortia (co-cultures of bacteria and fungi) were compared and evaluated using crude enzyme production against four different ball-milled straws. Four fungal isolates (out of fifty) and five bacterial isolates (out of sixty) displaying high lignocellulolytic activity were selected for the construction of dual and triple microbial combinations to investigate the synergistic, cooperative and competitive (antagonistic) effects among combinations on different straw saccharification. Twenty nine unique microbial consortia were constructed: dual-fungal combinations (6), triple-fungal combinations (4), dual-bacterial combinations (10) and triple-bacterial combinations (9). Five combinations only (two fungal and three bacterial combinations) showed significantly increased hydrolysis when compared to their monocultures. For example, the saccharification of straw by a crude enzyme preparation from the co-culture of FUNG16 (Neosartorya fischeri; highest in xylanase) and FUNG17 (Myceliophthora thermophila; highest in laccase) was almost 3- fold greater than the saccharification activity of the same fungal strains when grown individually. The same trend, but more pronounced was observed in bacterial combinations of RMIT10-RMIT11 (Aeromonas hydrophila and Pseudomonas poae) and triple bacterial combinations (RMIT10-RMIT11-RMIT30) (Aeromonas hydrophila, Pseudomonas poae and Bacillus licheniformis) with increases in saccharification rate between 4.8 and 6.6- fold when compared to the activity displayed by their individual cultures respectively (Taha et al. 2015). Previous studies has reported that co-culturing of 
T. reesei and A. niger together on a cellulose-medium resulted in increased rates of saccharification (Ahamed & Vermette 2008). Kalyani et al. (2013) also concluded that cellulolytic enzyme activity was increased 3 fold compared to cellulase activities obtained with individual strains due to the synergistic interaction and compatibility between mixed cultures (Kalyani et al. 2013). However this study is, to the author’s knowledge, the first to report increased saccharification of natural straws through co-culturing. The benefits of screening for novel microbial isolates, together with co-culturing as well as the selection of preferable lignocellulosic substrates might overcome the technical barriers involved in the production of cellulosic bioethanol (2nd generation of biofuels) from cheap, clean, sustainable and inedible sources, with the outcome of making this technology commercially feasible before fossil fuels are depleted. The role of modern environmental biotechnology remains one of the most important elements which could overcome all the technical constrains which are currently inhibiting the cellulosic bioethanol industry. In terms of bioenergy production, great interest is also focused on the production of biofuels from microalgal biomass (3rd generation). Theoretically biofuels production from microalgae could provide about 25% of the total global energy requirement and is free from food or feed conflicts. However, the current commercialization of biofuels from microalgal biomass, like the lignocellulose saccharification industry is facing significant economic and technical challenges (Bhatt et al. 2014; Hamawand, Yusaf & Hamawand 2014; Harun et al. 2014; Hochman & Zilberman 2014; Leite, Abdelaziz & Hallenbeck 2013; 
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 Vandamme, Foubert & Muylaert 2013; Wrede et al. 2014; Zhang & Hu 2012; Zhou et al. 2012; Zhou et al. 2013). The next stage of this study investigated the technical barriers involved in the production of biofuels from microalgal biomass and the role of environmental biotechnology to overcome these technical barriers. The high-energy input required for harvesting of microalgal biomass makes current commercial microalgal biofuels production economically unfeasible and can account for up to 50~70% of the total cost of biofuel production. Bioflocculation is a technique recently proposed as a cheap and rapid method for the flocculation and subsequent harvest of microalgae for biofuel production (Bhatt et al. 2014; Hamawand, Yusaf & Hamawand 2014; Harun et al. 2014; Hochman & Zilberman 2014; Leite, Abdelaziz & Hallenbeck 2013; Vandamme, Foubert & Muylaert 2013; Wrede et al. 2014; Zhang & Hu 2012; Zhou et al. 2012; Zhou et al. 2013). Oleaginous fungal isolates are more desirable candidates than bacteria not only due to their positive surface charge (+46.1 mV) but also due to the ability to form pellet-like structures (self-pelletization) and the high amount of intracellular lipids that can be synthesized (up to 23 % DW). These lipids can be processed into biofuels increasing the final product substantially (Leite, Abdelaziz & Hallenbeck 2013; Vandamme, Foubert & Muylaert 2013; Zhang & Hu 2012; Zhou et al. 2012; Zhou et al. 2013). Screening of the fungal isolates for their capability to biologically harvest (up to 90%) different types of microalgae which are widely used for biofuels production identified one fungal isolate, the filamentous fungus A. fumigatus (accession No: KC689327.1) which showed efficient self-pelletization during grown and was capable of bioflocculating 10 out of the 11 microalgal strains including fresh and marine microalgae within a short time frame (12 h). Analysis revealed that the high percentage of lipids presents in A. fumigatus (up to 10% DW) was a further advantage as these lipids could also be processed into biofuels alongside the microalgal lipids, resulting in a significant increase in the total yield of biofuels. The harvested fungal-microalgal pellets were also successfully grown on diluted swine wastewater using the nutrient available for growth, and showed additive and synergistic effects in terms of  increasing biomass, lipid yield and wastewater bioremediation. Further analysis of the ability of A. 
fumigatus/Thraustochytrid sp. (Af/Thr) and A. fumigatus/T. chuii (Af/Tc) pellets to grow on diluted (25% and 10%) swine wastewater as a sustainable source of nutrients supply for growth and harvesting fungal-microalgal pellets was investigated through assessment of  nutrient uptake (NH4+-N and PO4-3-P) and biomass yields. The incubation of Af/Thr for 48 h in 10% wastewater resulted in the removal of 96% of NH4+ and 84% removal of PO4-3 with a concomitant increase in lipid by of 1.4 –fold (Wrede et al. 2014). To date there is very limited information in the scientific literature regarding the co-culture of microalgal and fungal pellets for the dual applications of increasing the total biomass for biofuel production while phyco-myco-remediating wastewater (Manheim & Nelson 2013; Price, Classen & Payne 2001; Sharma et 
al. 2011; Swami & Buddhi 2006). It can be concluded that in terms of bioremediation of wastewater the addition of mixed cultures was more effective than using individual isolates. This can be explained by the symbiotic relationship between fungal and algal strains.  
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 The main limitation of harvesting microalgal strains using oleaginous fungus is their tough cell wall which contains a complex structure of extensively cross-linked chitin, glucans and other polymers which therefore increase the energy penalty and hinders the large scale extraction procedure. Some microalgal strains such as Nannochloropsis occulata also have tough cell walls that require special pre-treatment prior oil-extraction. Pyrolysis, the thermal decomposition of organic compounds in the absence of oxygen has  attracted attention due to a number of advantages, including relatively mild operational conditions and production of several valuable products: bio-gas, bio-oil and bio-char; where bio-oil is the main product and it could be further processed into liquid hydrocarbon products similar to petroleum-derived fuels (Miao & Wu 2004; Miao, Wu & Yang 2004). Therefore pyrolysis appears to be a preferable route compared to traditional oil-extraction to deal with the problems of resilient cell walls micro-organisms such as fungi and some algae. Pyrolysis of algae and fungi into biofuels reduces both the number of steps and costs associated with the traditional extraction processes and could make the commercial application of biofuel from microalgae feasible due to the energy efficient and potentially cost-effective for oil extraction from biomass.  The study has confirmed that the fungal isolates are capable of producing an array of useful degradative enzymes while their filamentous nature allows them to efficiently utilise the nutrients present in swine wastewater leading to increase biomass production.  The final problem addressed in this thesis through the application of environmental biotechnology relates to the production of industrial wastewaters. Textile dye-effluents represent one of the most ubiquitous pollutants discharged into aquatic environments, which show toxic, mutagenic and carcinogenic properties. The traditional treatment of industrial wastewater (dye effluent) from dye utilizing industries is crucial and challenging. Biological approaches offer significant advantages due to the exploitation of microbial enzymes and living and non-living of microbial biomass for dye decolourization as a cost effective and environmentally friendly route, although obtaining suitable candidates remains a challenge. The application of thermophilic isolates would be beneficial as it would allow the immediate treatment of the dye laden effluent discharged at high temperature (50~ 60 °C) rather than waiting for it to cool down, leading to a reduction in cooling costs and shorter waste treatment time (Banat et al. 1997; Solís et al. 2012; Srinivasan & Viraraghavan 2010). Although research in the field of bioremediation of industrial wastewater arising from dye-effluent has been intensively conducted for more than three decades, in practice there is a still lack in knowledge of using thermophilic fungi with desirable pelletization and biomass properties. Herein the abilities of a thermophilic fungal isolate, Thermomucor indicae-seudaticae ((accession No: AF157165.1) at different temperatures (30, 45 and 55 °C) and dye concentrations (100, 500 and 1000 mg l-1) were investigated for dye decolourization of an azo–anthraquinone dye mixture (Azure B, Congo Red, Trypan Blue and Remazol Brilliant Blue R) over 6 days. Inactivated fungal biomass was substantially better at dye decolourization than activated microbial biomass in the temperature range 30 – 55 °C at 100, 500 and 1000 mg l-1 concentrations over 12 h. The capacity of dyes adsorbed on 
Thermomucor indicae-seudaticae was 1.7 fold more dye than Aspergillus fumigatus over 12 h. 
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 Dye decolourization using living of fungal biomass at high temperature and concentration (55 °C and at 1000 mg l -1) was generally lower than those obtained at the other temperatures (30 and 45 °C) and lower dye concentrations (100 and 500 mg l-1) due to increasing dye toxicity. However, at 55 °C and high concentration (1000 mg l-1) T. indicae-seudaticae (66.24 %) was found to be exhibit increased dye decolourization when compared with Aspergillus fumigatus (17.31%) suggesting that thermophilic 
Thermomucor sp. was able to substantially decolourize the azo–anthraquinone dye mixture at sub optimal temperatures and concentrations using active biomass when compared to Aspergillus fumigatus which is a well-known dye decolourizer of different dyes. The non-detection of dye degrading enzymes suggested that biosorption was the main mechanism for dye decolourization by these fungal isolates. A comparison of dye decolourisation under the same conditions was carried out to compare rates of decolourisation with the inactivated (dead) biomass with those obtained with active (live) biomass. The results confirmed that inactivated fungal biomass (autoclaved at 121 °C for 15 m) were more desirable candidates than using activated biomass for the decolourization applications using Thermomucor sp., Aspergillus fumigatus and their mixture.  Equal amount of inactivated fungal biomass (2.5 g l-1) were used to compare between the dye biosorption capacities amongst all candidates, Thermomucor sp., Aspergillus fumigatus and their mixture. The thermophilic T. indicae-seudaticae had a greater capacity for dye adsorption and resulted in the greater dye decolourization than either A. fumigatus or the fungal mixture biomass over 12 h at an elevated dye concentration (1000 mg l-1) and high temperature of 55 °C. The dyes-adsorption capacity of T. indicae-
seudaticae was significantly better (300 mg g -1 mycelia compared to 180 mg g -1 mycelia) when compared with A. fumigatus (almost a 2 -fold increase). The results confirm that the fungal isolate shows significant commercial potential for the decolourization of concentrated effluent (e.g. 1000 mg l-1) at elevated temperature (e.g. 55 °C); after 12 h incubation, there was a 75% reduction of dye concentration. In conclusion this study has demonstrated the importance of microbial isolations, based on novel isolation and screening techniques based on lignocellulolytic microorganisms. Assessment of the environmental biotechnological potential of these microbial isolates (used individually or in co-culturing) has confirmed the potential of environmental biotechnology to overcome technical barriers involved in the generation of alternative bioenergy as well as the biodegradation of wastewaters. The biological approaches of microbial strains isolated in this study represent cost effective, environmentally friendly technologies that can be applied economically on large scale. Specifically, this study has shown: 
 The suitability of Biolog (MT2) microplate-based assays as an alternative method for screening lignocellulolytic bacteria. Ball-milled rice and sugarcane straws were degraded more readily than wheat and pea straws. 
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 The potential of microbial co-culturing to improve saccharification of lignocellulosic substrates. Co-culturing of lignocellulose-degrading microorganisms (bacteria-bacteria and fungi-fungi) significantly enhanced straw saccharification.  
 The commercial applicability of biological harvesting (bioflocculation process) of marine and freshwater microalgal strains using A. fumigatus and the potential of increasing (fungal-algal pellets) biomass while phyco-remediating wastewater. 
 The potential of using thermophilic fungal isolate; T. indicae-seudaticae as a biological-agent for dye adsorption, significantly at elevated temperatures and concentrations using activated and inactivated biomass.  
7.2 Future research The research performed in this study, microbial isolation (bacteria and fungi) was carried out only from compost, and soil around old straw piles. To further isolate novel potential isolates of lignocellolytic degrading microorganisms, more isolation studies need to be performed from different habitats. Biolog (MT2) microplate based assay can now be used for the rapid detection of the most active bacterial species. The application of metagenomic studies will allow the comparison of the different  lignocellulosic-degrading genes from different communities or from novel (pure) microbial isolates (bacteria or fungi) and will provide information which can lead for a better screening and understanding of the saccharification process. To achieve these goals, further research may be required to assess and evaluate the combination of these two different technologies; the classical isolation of novel (active) microbes through culture-dependent methods and culture-independent methods throughout advanced methodologies such as metagenomic analyses. In this study, the construction of defined simple (dual or triple) consortia was evaluated using pure microbial isolates (bacteria or fungi) with superior hydrolytic activity; this area merits further investigation to compare between the saccharification activity of the crude enzyme generated from mixing microbial isolates with those from crude enzymes from the same individual isolates. Proteomic analyses are also required to understand the key elements (enzymes and their ratio) present in the crude enzyme of the best microbial consortia or the crude enzyme mixtures that enhance complete saccharification of specific lignocellulosic biomass. In addition, there is currently no scientific research involving the co-culture of bacterial and fungal isolates.  Since the degradability of different straws material was found to be consistent with differences in the surface structure observed by ESEM and FT-IR, the screening of more geographically available and more readily degradable lignocellulosic is another area of future research interest which may yield novel lignocellulosic material as candidates for commercial processes. 
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 Further studies should be performed to investigate and understand the mechanism of the bioflocculation process between different filamentous fungi and microalgal species. For example, assessment of the  Zeta Potential (ZP) between fungal and microalgal isolates and the surface characteristics of fungi and algae before and after the bioflocculation process using ESEM and TEM techniques may yield important information. In addition, the synergistic and mutual relationship between fungal-algal pellets need further investigation and could be exploited in the field of wastewater treatment as a novel approach with dual applications compare to individual fungal and algal isolates. Environmental biotechnology offer significant opportunity through the 21St Century through increased understanding the potential of varied applicability of these microbial isolates (used individually or in co-culturing technique) to overcome technical barriers involved in the generation of alternative bioenergy as well as the biodegradation of wastewaters. The biological approaches represent cost effective, green technology that can be applied economically on large scale.                 
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